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Ein Hauptcharakteristikum bei Krebs ist die genomische Instabilität. Sie wird 
besonders durch Replikationsstress verursacht, speziell durch das verlangsamte 
oder blockierte Voranschreiten der Replikationsgabeln, was die Entstehung von 
DNA-Doppelstrangbrüchen begünstigen kann. Es existieren spezifische Loci, sog. 
"fragile sites", die sich unter Replikationsstress als besonders bruchempfindlich 
erweisen. Diese Loci treten gehäuft in Genomregionen auf, wo in Krebszellen 
chromosomale Umgruppierungen auftreten. Onkogenaktivierung in präkanzerösen 
Läsionen verursacht Replikationsstress, dabei ist ein Hauptauslöser für Stress die 
Aktivierung stiller Replikationsstartpunkte, wodurch es zu einer gegenseitigen 
räumlichen Behinderung der Replikations- und Transkriptionskomplexe kommen 
kann und möglicherweise die Entstehung ko-transkriptioneller R-loops begünstigt 
wird. R-loops sind drei-strängige Nukleinsäurestrukturen, die entstehen, wenn die 
wachsende mRNA wieder an den codogenen DNA-Strang bindet, sodass sich ein 
RNA-DNA-Hybrid und eine Schleife aus einzelsträngiger DNA formen. 
 
Diese Dissertation untersucht die Bedeutung der R-loops unter Bedingungen 
mit Replikationsstress. Um R-loops zu detektieren, wurde eine Osteosarkom-Zelllinie 
(U2OS) mit einer katalytisch inaktiven Mutante der humanen Endonuklease RNase 
H1 entwickelt. Während das Wildtyp-Protein die R-loops behebt, indem es die RNA 
aus dem Hybrid abspaltet, kann die mutierte RNase H1 lediglich an die 
Hybridstruktur binden, diese aber nicht abbauen. Durch die am R-loop gebundene 
RNase H1 wird dieser mittels Fluoreszenz-mikroskopie sichtbar oder kann durch 
Chromatin-Immunpräzipitation isoliert werden. Bedingungen der Onkogenaktivierung 
wurden mittels chemischer Substanzen ausgelöst. Der dabei induzierte 
Replikationsstress korrelierte sehr stark mit der Entstehung der R-loops. Diese R-
loops stellen ihrerseits ein zusätzliches Hindernis für die Progression der 
Replikationsgabel dar. Auch beim Eintritt der Zelle in die Mitose sind persistierende 
R-loops ursächlich mitbeteiligt an Defekten der Chromosomensegregation.Eine 
genomweite Analyse zeigte, dass unter Replikationsstress R-loops an bestimmten 




Loci entstehen, die signifikant mit chromosomalen fragile sites übereinstimmen. So 
konnte aufgezeigt werden, dass unter Replikationsstress die Entstehung von R-






































Genomic instability is a hallmark of cancer. One major cause of this instability is 
replication stress, slowing or stalling of replication forks, which can lead to DNA 
double-strand breaks. There are specific loci, termed fragile sites, which are 
particularly susceptible to breakage under conditions of replication stress. These loci 
coincide with recurrent sites of chromosomal rearrangements in cancer. Oncogene 
activation, in pre-cancerous lesions, causes replication stress. A major source of this 
stress stems from the activation of dormant origins, which can cause conflicts 
between transcription-replication complexes and possibly formation of co-
transcriptional R-loops. R-loops are three stranded nucleic acid structures that form 
when the nascent mRNA released from a transcribing RNA polymerase reanneals 
with the template DNA.  
In this study, we wanted to address the role of R-loops in replication stress. 
We first developed a tool to study R-loops in U2OS cells based on a catalytically-
inactive mutant of human RNase H1 - an endonuclease that resolves these 
structures by cleaving the RNA strand in the hybrid. The mutation results in an 
enzyme that binds to but does not degrade hybrids. This tool enables us to visualize 
R-loops by fluorescence microscopy and isolate them by chromatin 
immunoprecipitation (ChIP). Using chemical inducers of replication stress to mimic 
oncogene activation, we could show that replication stress is associated with 
formation of R-loops. These R-loops pose a further block to replication fork 
progression and unresolved R-loops can then cause problems when cells enter 
mitosis, contributing to defects in chromosome segregation. Genome-wide analysis 
revealed that R-loops are formed at distinct loci under replication stress and these 
sites coincide significantly with chromosomal fragile sites. Therefore, formation of R-












1.1 Genome instability: A driver of tumor progression 
Genome instability has been identified as a hallmark of cancer [1]. Maintenance of 
genomic integrity in mammalian cells entails four major mechanisms: (i) high-fidelity 
of DNA replication in S-phase; (ii) accurate distribution of chromosomes between two 
daughter cells during mitosis; (iii) error-free repair of sporadic DNA damage 
throughout the cell cycle; and (iv) cell cycle progression and checkpoint control. In 
hereditary cancers, the cause of genome instability has been linked to mutations in 
DNA-repair genes. However, advancements in high-throughput sequencing 
technologies suggest that mutations in these caretaker genes do not account for the 
instability observed in sporadic cancers [2]. Most likely, this instability stems from 
oncogene-induced replication stress- impediments in the process of DNA 
replication that could lead to slowing, stalling or collapse of replication forks, 
mediated by activation of oncogenes.  
 
1.2 Evidence for oncogene-induced replication stress 
In line with the theory of oncogene-induced replication stress as an intrinsic driver of 
genomic instability, DNA damage could be detected during early stages of 
tumorigenesis in different cancers- bladder, breast colon and lung [3]. Increased 
replication stress may account for the observed damage in pre-cancerous lesions.  
Analyzing various stages of urinary bladder tumors revealed phosphorylation of DNA 
damage (DDR) proteins- Chk2 /ATM/-H2AX/ p53 in the initial phases of tumor 
development. Cultured cells over-expressing oncogenes like Cyclin E and Cdc25 
have been shown to exhibit genomic instability and altered replication dynamics [4, 
5]. According to the oncogene-induced DNA damage model of tumor development, 
replication stress activates DDR in pre-cancerous lesions, thereby activating 
checkpoints to promote apoptosis and senescence, creating a barrier against tumor 
progression. However, continuous DNA damage eventually generates a selective 
pressure for acquisition of mutations in tumor suppressors like p53. These mutations 
help breach this barrier and push cells towards cancer development [6]( Figure 1).  









Figure 1. Model for oncogene-induced DNA damage and cancer development  
Activated oncogenes induce replication stress generating DNA DSBs which activate p53, 
raising a barrier to tumor progression. Breach of this barrier by various mechanisms that 
impair the DNA damage response pathway allow cancers to develop [6]. 
 
 
1.3 Causes of oncogene-induced replication stress 
How do oncogenes cause replication stress and trigger DNA damage? Although not 
very well established, molecular mechanisms responsible for the observed effects 
include- alteration of replication dynamics which may in turn lead to shortage of 
replication building blocks and collisions between transcription-replication 
complexes resulting in stable R-loop formation. 
1.3.1 Alteration of replication dynamics 
Eukaryotes replicate their DNA from multiple origins distributed throughout their 
genome. The process of origin activation is temporally regulated to ascertain that the 
whole genome is duplicated in a given S phase and none origin is initiated for a 
second time in the same cell cycle. A two-step process ensures fidelity of origin 
activation: (i) origin licensing- loading of replicative helicase (Mcm2-7 complex) at 
putative origins; and (ii) origin firing- subsequent activation of the replicative helicase 
[7, 8]. Origin licensing occurs from late mitosis through G1 phase of the cell cycle,  





while origin firing is restricted to the S phase, ensuring that once fired, an origin 
cannot be re-licensed, until it passes through the subsequent mitosis.  
Origin under-usage 
The licensing checkpoint ensures S phase entry only after all origins are licensed. 
However, upon oncogene over-expression in cancerous cells, the checkpoint may be 
compromised, leading to S phase entry with reduced origins. Although number of 
licensed origins far exceeds the ones fired, the back-up origins called dormant 
origins are necessary to rescue stalled forks upon replication stress [9]. Lack of 
licensed origins can cause DNA damage and genome instability in highly 
proliferative cancer cells as forks now have to travel greater distances to complete 
replication, increasing chances of fork stalling - lack of dormant origins does not 
allow rescue of the stalled forks, eventually leading to fork collapse and DSBs. The 
reduction in origin usage could also lead to cells entering mitosis with incompletely 
replicated DNA. This could cause defects in chromosome segregation and promote 
chromosome breakage [10]. Indeed evidence suggests that depletion of MCM 
increases the occurrence of anaphase bridges and micronuclei [11]. 
Over-expression of Cyclin E in human nasopharyngeal epidermoid carcinoma 
cell line, exhibited lower number of BrdU foci in the early S phase cells, indicating 
smaller number of DNA replication factories. This was accompanied by a reduction 
in chromatin binding of Mcm4 and Mcm7 in G1, indicating defective origin licensing 
[12].  
Origin over-usage 
Under normal conditions, most of the dormant origins are passively replicated during 
the S phase, and hence inactivated. However, over-expression of oncogenes may 
result in firing of otherwise dormant origins, as is seen upon Cyclin E, Myc and Ras 
overexpression, resulting in slower replication fork speed, increased fork stalling and 
reduced inter-origin distance, a sign of increased origin firing [13, 14].  
Over-expression of oncogenes is known to cause pre-mature entry into S 
phase, shortening the G1 phase from 10-12 h to 2-4 h. According to a recent study, 
licensed origins within genes (intragenic) are inactivated by transcription during G1 
[15]. Transcription through these regions strips off the replicative helicases, making 
them unable to fire during S phase. Oncogene over-expression and the resulting  
 




short G1 do not allow transcription to complete before S phase entry, the novel 
origins are therefore fired within genomic domains normally devoid of replication 
initiation. Using genome-wide transcription and replication initiation studies, the 
authors could show that upon oncogene over-expression, a new class of intragenic 
origins fire, and these origins behave differently from the intergenic constitutive 
origins, as their replisomes are prone to fork collapse, and they are associated with 
the genomic rearrangements found in cancer [15] (Figure 2). 
 
 
Figure 2. Mechanism of oncogene-induced replication stress 
Shortening the length of the G1 phase of the cell cycle by activated oncogenes leads to 
firing of DNA replication within genes, collisions between the replication and transcription 
machineries, DNA breaks and genomic instability 
 
1.3.2 Shortage of replication building blocks 
Origin over-usage may exhaust substrates required for replication such as dNTPs. 
Replicative stress induced by some oncogenes can indeed be rescued by addition of 
exogenous nucleosides [13, 14]. Smooth DNA replication also requires synthesis of 
histones. Increase in the number of progressing forks could deplete cells of histones, 
thereby slowing fork progression, which is observed upon oncogene over-
expression. Evidence shows that depleting proteins involved in histone biogenesis 
results in decreased fork speed, and chronic histone depletion eventually leads to 
DNA damage [16]. Other replisome proteins could also be a limiting factor. For 
example, RPA protects replication forks from nucleases by binding to ssDNA at 
ongoing forks and also to ssDNA generated at stalled replication forks. The  
 




excessive DNA replication induced by oncogenes depletes RPA providing substrate 
for nucleases to generate DSBs [17]. 
An alternative hypothesis for depletion of replication factors could be the short 
G1 phase upon oncogene activation. Limited time for protein synthesis before S 
phase entry may yield insufficient material for successful replication, causing slow 
replication fork progression and increased fork stalling. 
1.3.3 Transcription-replication collisions 
Replication and transcription use the same DNA template; hence these processes 
routinely interfere with each other. In spite of a spatio-temporal segregation of these 
processes in eukaryotes, with DNA replication restricted to the S phase of the cell 
cycle while transcription of genes concentrated in G1, transcription-replication 
conflicts (TRCs) are still frequent events in certain genomic regions. The recent 
evidence that most of the genome is transcribed beyond gene boundaries, further 
enhances the probability of TRCs [18]. However, the directionality and functional 
state of the two machineries impact the consequence of TRCs. Studies indicate that 
head-on (HO) TRCs are more detrimental to fork progression than co-directional 
(CO) TRCs and result in genomic instability. This could be due to the fact that frontal 
clashes may cause RNAP complex to inactivate the replicative MCM helicase, 
blocking replication fork movement; or accumulation of positive supercoils between 
the two converging machineries can inhibit further DNA unwinding, hindering both 
transcription and replication [19]. CO conflicts, on the other hand, push RNAPII in the 
same direction as the replisome, positive supercoiling ahead of the replication fork 
neutralizes negative supercoiling generated behind RNAPII, allowing both processes 
to proceed. In fact, a preference for co-orientation of replication and transcription 
was observed in human cells, thus avoiding deleterious HO conflicts [20]. 
Perturbation of either replication or transcription programs can increase the 
possibility of head-on TRCs. As discussed earlier, activated oncogenes deregulate 
replication by changing origin usage patterns. In line with this, over-expression of 
Cyclin E was shown to increase origin firing and impair fork progression as well as 
increase DNA damage. These effects could be significantly reduced by inhibiting 
origin firing but also by inhibition of transcription, suggesting that TRCs contribute to  
 




genome instability upon oncogene over-expression [13]. In yet another study, over-
expression of the oncogene HRAS caused replication stress and TRCs by increasing 
global level of transcription via elevated expression of the general transcription factor 
TATA-box binding protein (TBP) [21]. Elevated TRCs upon oncogene over-
expression could also be a consequence of the short G1 phase, as studies in 
drosophila, yeast and humans point to the ability of transcription to re-distribute 
replication origins in G1 outside transcription zones, thereby avoiding TRCs in the S 
phase [15, 22, 23] (Figure 2).  
 Another factor contributing to the deleterious effect of TRCs is further 
stabilization of the conflict via R-loop formation (Discussed in detail in section 1.4). A 
new study to address TRCs using an episomal system in human cells showed that 
HO-collisions promote R-loop formation and ATR activation, while CD-collisions 
seem to resolve existing R-loops. The CD bias of the genome thus keeps R-loops in 
check. However, replication slowdown or unscheduled origin firing (for example upon 
oncogene activation) increases HO-collisions as well as R-loop formation, resulting 
in genome instability [24]. 
1.3.3.1 Chromosomal fragile sites: Hot spots for TRCs 
Chromosomal fragile sites are defined as regions of the genome which exhibit gaps 
or breaks on metaphase chromosomes under conditions of replication stress.  
A well characterized category of fragile sites: Common fragile sites (CFSs) are 
expressed upon mild replication stress induced in-vitro by low doses of DNA 
polymerase inhibitor aphidicolin (APH). They occur in AT- rich, late replicating 
regions within large genes with a paucity of replication origins and have been 
associated with deletions in cancer [25]. Laszlo Tora’s group demonstrated that 
these long genes that harbor CFSs require more than one cell cycle to complete 
transcription, so RNAPII transcribing in the late S phase could collide with perturbed 
replication forks, leading to the observed breakage [26]. Studies also propose CFS 
expression to be a consequence of active endonuclease mediated cleavage of 
unresolved replication intermediates in early mitosis rather than random mechanical 








More recently, a new class of fragile sites- Early replicating fragile sites 
(ERFSs), have been identified within CpG rich early-replicating actively transcribed 
gene clusters, and are expressed upon conditions of replication arrest by 
hydroxyurea (HU) [30]. Although distinct, both types of fragile sites are protected by 
ATR kinase, and oncogene-induced replication stress triggers instability both ERFSs 




Figure 3. Comparison of CFSs with the newly identified ERFSs 
Oncogene‐induced replication stress causes replication fork stalling and collapse at both 
CFSs and ERFSs; ATR kinase and homologous recombination prevent collapse and 
mediate fork restart and repair 
 
 
1.4 Co-transcriptional R-loops  
R-loops are three- stranded nucleic acid structures comprising of an RNA:DNA 
hybrid and the displaced single-stranded non-template DNA strand. Short hybrids 
form physiologically during transcription within the RNA polymerase active site (8 bp) 
or during replication of the lagging strand (11 bp). However, longer and more stable 
hybrid tracts form co-transcriptionally when the mRNA exiting from a transcribing 
RNA polymerase re-anneals with the template DNA stand (Figure 4). Initially, R-
loops were described in an in-vitro study that visualized their formation by electron 
microscopy [32]. Almost 20 years later, a study showed that R-loops could form in 
vivo during transcription in bacterial cells [33]. In the last decade, the field of R-loop  
 
 









Figure 4. Structure of an R-loop  
General structure of an R-loop: The nascent mRNA strand (red) synthesized by RNA 
polymerase (RNAP) hybridizes with the complementary DNA template strand. The non-
template strand is exposed as single-stranded DNA (ssDNA) [34]. 
 
Different models were described to explain the formation of stable R-loops. The 
“extended hybrid model” claims that the 8 bp transient hybrid formed within the 
transcription complex can be extended to form an R-loop. However structural studies 
have ruled out this possibility due to the existence of separate channels for exiting of 
nascent mRNA and template DNA [35]. The most widely accepted model is the 
“thread-back model”, in which the newly synthesized RNA exiting the RNA 
polymerase re-anneals with the template DNA, displacing the non-template strand, 
especially while transcribing through a C-rich template [36]. A third model describes 
the possibility of the nascent mRNA to re-anneal post-transcriptionally to a 
homologous sequence at a different locus, forming the R-loop in trans [37]. 
Formation of R-loops presents a competition between the nascent RNA and 
non-template DNA to hybridize with the template strand. Biochemically, a RNA:DNA 
hybrid is thermodynamically more stable than a DNA:DNA hybrid. R-loop stability is 
further enhanced when the non-template strand is G-rich. Strings of Gs on the non-
template strand promote formation of G-quadraplexes, which further stabilize the 
ssDNA, facilitating RNA:DNA hybrid formation. Another factor favoring nascent 
mRNA hybridization is transcription-dependent DNA supercoiling. During 
transcription, positive supercoiling is generated ahead and negative supercoiling  
 
 




behind the elongating RNA polymerase, thus allowing easy access to the mRNA 
when unresolved.   
1.4.1 R-loops: Friends or foes? 
Research so far indicates a paradoxical role of R-loops, on the one hand contributing 
to genomic instability and disease, while also playing an important part in various 
biological processes like transcription, DNA repair etc; discussed in detail in the 





Figure 5. R-loops: A double-edged sword 
R-loop formation can have a detrimental impact on genome stability- unstable ssDNA, 
transcription-replication conflicts or impaired replication progression but also contributes 
positively to regulate cellular processes like transcription and  DNA repair [39] 
 
 
1.4.1.1 Role in cellular processes: the “good” R-loops 
A. Immunoglobulin class switch recombination 
Antibody diversification requires the process of class-switch recombination (CSR), a 
mechanism that occurs in the immunoglobulin heavy (IgH) chain locus of mammalian 
B cells during immune response and mediates switching between the various 
immunoglobulin isotypes without affecting antigen specificity. The IgH locus is  
 




known to have a high density of G-rich repetitive sequences.  Studies have 
indicated that transcription through switch and constant regions precedes CSR 
and this is associated with co-transcriptional R-loop formation [40]. The action of 
activation-induced cytidine deaminase (AID) at the displaced G-rich ssDNA is a 
vital step for the generation of DSBs, which are then repaired by NHEJ, thereby 
mediating CSR [41]. This gave rise to a model wherein R-loops were proposed to 
enhance AID activity by providing it with abundant ssDNA substrate [42]. 
Furthermore, MCM helicase has been found to be enriched at IgH switch regions, 
where its helicase activity induces alterations in the local topology, in a manner 
dependent on transcription and R-loop formation. The topology favors DSB 
resolution by bringing DSBs in switch regions into proximity, promoting NHEJ. 
Reduction in R-loop formation decreased MCM complex loading, replication origin 
formation and CSR [43]. 
B. Transcription activation  
CpG islands (CGIs) are found at the 5’ end of genes, functioning as promoter 
elements for various genes including most of the housekeeping ones. Methylation of 
CGI promoters is very frequent and causes gene silencing, for example at genes 
expressed in a tissue-specific manner [44]. However, genome-wide studies have 
indicated that majority of the CGI promoters are unmethylated in normal tissues 
while aberrant methylation has been associated with various diseases like cancer 
[45, 46]. Thus, an important question has been to understand the mechanism 
underlying CGIs resistance to methylation, an otherwise abundant epigenetic 
modification.  Various lines of evidence point to the role of transcription initiation at 
these loci in protecting against methylation. It was demonstrated that the presence of 
Pol II, active or stalled, predicts the epigenetic fate of promoter CGIs independently 
of transcription levels [47]. A co-relation between transcriptional output and 
protection against DNA methylation at promoter regions was also observed in the 
human methylome data. However, how transcription provides this protection is still 
not very well understood.  
Genome-wide studies in human cells have marked the formation of R-loops at 
unmethylated CpG island promoters [48]. The formation of R-loops was shown to 
prevent CGI promoters from DNMT3B1-mediated DNA methylation. This was  
 




attributed to R-loops serving as inappropriate substrates for DNMT3 activity or 
promoting recruitment of DNA demethylating complexes.  
A recent study revealed that DNA methylase, DNMT1, favors binding and 
methylation of dsDNA over RNA:DNA hybrids. More than 1200 genes showed 
reduced methylation and active gene expression owing to R-loop formation. This 
was well demonstrated with the overexpression of RNase H1, that led to a significant 




Figure 6. R-loops in transcriptional activation 
Top: DNMT1 methylates cytosines at CGI promoters and prevents transcription. 
Bottom: Formation of R-loops at promoters prevents DNMT1 binding to CGIs, and absence 
of methylation promotes transcription. 
 
 
C. Transcription termination 
Apart from a role at the 5’ end of the genes, recent investigations have also detected 
the presence of R-loops  at 3’ end of  ~2000 genes in human cells  [50]. Here, R-
loop formation at transcriptional pause regions was shown to halt RNA Pol II 
downstream of the poly(A) site, prior to termination. Over-expression of RNase H1 
resulted in an increase in read-through RNA, indicating R-loop formation over pause 
elements to be an essential component of the termination process. Eventually these 
R-loops are  removed, by the concerted action of a RNA /DNA helicase, Senataxin, 
and an exonuclease Xrn2, that release and degrade the nascent mRNA respectively, 
leading to successful transcription termination [51]. 





 Formation of R-loops at termination sites has also been shown to induce 
antisense transcription at these regions resulting in dsRNA formation and 
recruitment of RNA-interference factors- DICER, AGO1, AGO2 and G9a histone 
lysine methyltransferase. This results in  the establishment of an H3K9me2 
repressive mark and recruitment of heterochromatin protein 1 (HP1), thereby 
promoting localized chromatin condensation, impeding Pol II progression and 
efficiently terminating transcription [52]. 
D.  Faithful chromosome segregation 
ATR, a serine/threonine kinase, is a master regulator safeguarding the genome 
integrity. It is activated in response to replication stress and phosphorylates 
downstream targets to activate DNA damage checkpoints causing cell cycle arrest. 
The defined roles of this kinase have so far been restricted to the S phase. However, 
a recent study has shown ATR to be recruited to centromeres during mitosis in an R-
loop dependent manner. Here, ATR inhibition in mitosis gave rise to lagging 
chromosomes, indicative of whole chromosome mis-segregation, distinct from 
persisting S-phase defects that represent as anaphase bridges. ATR inhibition also 
reduced levels of phosphorylated Aurora B, a protein that functions in mitosis to 
correct erroneous microtubule attachments at kinetochores. Phosphorylated ATR, 
CHK1, RPA as well as R-loops were also detected at centromeres. By expressing 
wild-type (resolve R-loops) and mutant forms (stabilize R-loops) of RNase H1, the 
authors demonstrated that R-loop formation presents RPA coated ss-DNA, activating 
ATR. ATR in turn activates CHK1, which promotes activation of Aurora B, thereby 
ensuring faithful chromosome segregation. This study provided a novel role of R-
loops at centromeres in human cells, signaling accurate cell division [53]. 
E. DNA double-strand break repair 
Cells are continuously challenged either by endogenous or exogenous sources of 
DNA damage. The DNA-repair machinery identifies and repairs the damage to 
maintain integrity of the genome. One of the most deleterious lesions encountered 
by the repair machinery is the DNA double-stranded break (DSB) which when 
inefficiently repaired, gives rise to serious chromosomal aberrations. To avoid  
 




deleterious consequences arising from unresolved DSBs, cells employ two major 
pathways for DSB repair: non-homologous end joining (NHEJ) and homologous 
recombination (HR). While NHEJ, a more error-prone choice, is active throughout 
the cell cycle, HR is restricted to the S/G2 phases due to the requirement of 
homologous sister chromatids. This latter pathway is very well characterized, where 
the key players are known to be conserved among various species. HR requires the 
MRN complex (Mre11, Rad50, Nbs1) that first detects the breaks and activates ATM 
kinase, which phosphorylates various downstream substrates to initiate the DNA 
damage response (DDR). MRN together with CTIP mediate the initial resection of 
the broken DNA end generating 3’-overhangs. This is followed by the long-range 
resection of the 5’ end by 5’-3’ exonuclease EXO1 or by DNA2 nuclease that acts in 
conjunction with BLM or WRN helicases [54-56]. RPA is then recruited to coat and 
protect the resulting long ssDNA overhangs. Eventually, the RPA complex is 
replaced by RAD51 recombinase with the help of BRCA2 [57]. The RAD51 
nucleofilaments mediate homology search and strand invasion into the sister 
chromatid to repair the damaged DNA [58].  
In human cells, GFP-tagged RNase H1 was shown to be recruited to DSBs 
induced upon laser micro-irradiation in a manner dependent on transcription, 
indicating the formation of R-loops during DSB repair [59]. A later study in yeast 
demonstrated transient formation of RNA:DNA hybrids as an essential additional 
step in the classical HR-mediated repair pathway [60]. They revealed that RNA Pol II 
is recruited to the ssDNA generated upon resection around the DSB. Hence, the 
ssDNA generated upon resection during HR could potentially serve as a template for 
efficient transcription initiation. Although a significant increase in Pol II levels were 
detected around the break sites, this was not concomitant with a corresponding 
increase in transcript level, suggesting that the transcripts instantly hybridize with the 
template strand and remain trapped in RNA-DNA hybrid structures.  (Figure 7)  






Figure 7. Model for transient RNA:DNA hybrids in DSB repair  
RNA Pol II is recruited to the 3′ ssDNA overhangs and jump-starts transcription. The nascent 
RNA transcripts are prone to re-hybridize with the ssDNA template strand and form RNA-
DNA hybrids, which directly compete with the ssDNA-binding RPA complex. Subsequent, 
long-range resection of the 5′ strand is performed by the 5′-3′ exonuclease Exo1. 
 
Reducing the life time of the hybrids by RNase H1 over-expression results in the loss 
of genetic information around break sites as the transient formation of these hybrids 
seems to have a protective role in preventing unwanted intra-chromosomal 
recombination between repeat regions during HR-mediated repair. Apart from this, 
RNA DNA hybrids could also aid in choosing HR mediated repair over the error 
prone NHEJ. RNA:DNA hybrid formation at the break sites could prevent recognition 
of broken DNA ends by NHEJ proteins. In line with this view, a genome-wide 
analysis of DSB repair in human cells revealed HR as the preferred choice of DSB 
repair at transcriptionally active regions while NHEJ was favored at the 
transcriptionally inactive loci [61]. 
UV-induced photo lesions inhibit transcription by impeding polymerase 
progression. This causes displacement of co-transcriptional spliceosomes, which 
makes the unprocessed mRNA available to re-anneal with the template DNA. 
Formation of R-loops at these sites then activates ATM, which triggers a global 
displacement of late spliceosomes, affecting gene expression and pre-mRNA 
splicing genome-wide as part of the DNA damage response. Though more studies  





into the exact mechanism are pending, this study depicts a non-canonical ATM 
signaling pathway, dependent on UV- induced R-loop formation [62]. 
1.4.1.2 Breaking bad: R-loops genome instability and cancer 
R-loop formation, if not controlled, has been linked to different forms of genome 
instability- mutations, recombination, chromosome rearrangements as well as 
chromosome loss.R-loop formation renders the non-template DNA in single-stranded 
form. ssDNA is unstable and highly susceptible to DNA damaging agents. The 
enzyme AID, a cytidine deaminase, converts the dC residues to dU in the R-loops, 
which are  then  excised by the BER enzyme - uracil DNA glycosylase, creating an 
abasic site leading to ssDNA breaks [63]. Additionally, the endonucleases XPG and 
XPF have been shown to process R-loops into DSBs, demonstrating a role of TC-
NER in promoting genomic instability [64]. In both yeast and human cells, R-loop 
accumulation has been associated with a concomitant increase in histone H3 
phosphorylation (H3S10), a marker of chromatin condensation. It is intriguing to 
speculate that such R-loop mediated local chromatin compactions can induce 
genomic instability by serving as a barrier for replication fork progression [65]. 
Interestingly, a recent study identified histone mutants unable to acquire this 
phosphorylation incapable of inducing genomic instability upon R-loop formation [66]. 
Replication forks are further impaired when an R-loop displaces a G-rich ssDNA that 
forms G-quadraplexes. This stabilizes the existing RNA:DNA hybrid thus contributing 
to replication inhibition and instability [67]. 
Estrogen (E2) is a hormone that promotes the development of mammary 
tissue by stimulating transcription and driving breast cell proliferation. Elevated E2 
levels are often associated with high incidences of breast cancer and are known to 
cause chromosome instabilities. A study revealed the stimulation of E2 levels in ER-
positive breast cancer cells, to result in a rapid accumulation of co-transcriptional R-
loops that could be detected at E2 responsive genes and also gave rise to DSBs in a 
manner dependent on replication. These loci were also significantly associated with 
breast cancer-specific chromosomal rearrangements, providing a link between R-
loop formation and genomic instability observed in ER-responsive breast cancer 
cells [68]. BRCA1 and BRCA2, the two most frequently mutated tumor suppressor  
 




genes in breast and ovarian cancers, have been shown to play a role  in the 
prevention of R-loop formation and associated genomic instability [69, 70]. In yet 
another study, an oncogenic translocation identified in eosinophilic leukemia was 
shown to inactivate the polyadenylation factor FIP1L1, a protein associated with R-
loop suppression [71].In yeast, Rad51 was identified to promote R-loop formation 
and genome instability, and RAD51 is also over-expressed in a number of cancers 
[37]. These observations raise the possibility that R-loops may provide proliferative 
advantages to tumor cells by promoting genome instability.  
1.4.2 Limiting R-loop formation 
Cells have to keep their R-loop levels in check in order to prevent the deleterious 
consequences of excessive R-loop formation. Many proteins from various pathways 
have been implicated in this process that either prevent R-loop formation or survey 
the genome for R-loops and resolve them when necessary. Some of these 
mechanisms are discussed in the following sections.  
1.4.2.1 Factors preventing R-loops 
A. RNA processing factors 
Factors that prevent nascent mRNA to re-hybridize with template DNA would 
successfully prevent R-loop formation. Proteins involved in mRNA processing wrap 
nascent mRNA into ribonucleoprotein complexes, rendering them unavailable to 
form RNA:DNA hybrids. Evidence suggests that absence of co-transcriptional 
association of these proteins enhances R-loop formation and genome instability. The 
first studies came from yeast where mutants of hpr1 subunit of THO/TREX, a 
conserved protein complex involved in mRNA export, accumulated R-loops [72]. 
Additionally, they exhibited hyper-recombination phenotype and transcriptional 
arrest, which could be rescued by over-expression of RNase H1. The same group 
also extended their study to human cells and revealed that mutations in the THOC1 
subunit of the human THO/TREX affects transcription elongation and mRNA export. 
They also observed R-loop-dependent genome instability and altered replication 
dynamics [73]. A more recent report identifies a physical interaction between THO 
and histone deacetlyase complex Sin3A. Depletion of THOC1/Sin3A causes hyper- 
 




acetylation facilitating R-loop formation and replication fork stalling [74]. Along these 
lines, Aguilera’s group further identified the nuclear basket Myosin-like protein 1 
(Mlp1) as another factor involved in the prevention of R-loop formation in yeast [75]. 
Mlp1 is known to be required for a process termed as gene gating. According to the 
gene gating hypothesis, formation of an exportable mRNP is facilitated by transient 
localization of the transcribed RNA to the nuclear pore complex(NPC) [76]. R-loop 
formation in cells lacking Mlp1 could be suppressed by restoring physical proximity 
to the NPC, indicating these R-loops to be a consequence of defective gene gating. 
Although likely, such a mechanism is yet to be discovered in humans. 
The most abundant class of RNA binding proteins in eukaryotes are the 
hetrogenous nuclear RNPs (hnRNPs) involved in mRNA processing, and arginine-
rich proteins (SR family) involved in the splicing of mRNA precursors. Studies in DT-
40 chicken cells and human Hela cells have shown the depletion of SR protein 
ASF/SF2 to result in chromosomal rearrangements and mutagenesis, which was 
rescued by RNase H1 over-expression [77]. In yeast, knock out of Npl3 hnRNP 
exhibited hypersensitivity to genotoxic agents and transcription-mediated genomic 
instability partly dependent of R-loop formation [78]. 
A plethora of new proteins involved in different steps of mRNA processing are 
being identified through various genetic/proteomic screens. One example involves 
an siRNA screen with -H2AX as a readout for DNA damage, which identified over 
80 mRNP processing genes as suppressors of DNA damage in human cells. For a 
subset of these genes, over-expression of RNase H1 could rescue -H2AX 
accumulation [79]. Some noteworthy hits include helicase Aquarius, RNA splicing 
factors Skip, Cdc40 and snRNP proteins like Snrpa1. 
 
B. Replication associated factors 
 
Topoisomerases: Various studies have shown the depletion of TOP1 to result in  
slower replication fork speeds  and genomic instability, a phenomenon linked to the 
presence of R-loops [80]. An investigation in yeast showed the accumulation of R-
loops at rRNA locus upon depletion of TOP1 [81].   




Another topoisomerase, TOP3B, functions as a part of the TDRD-3 (Tudor domain-
containing protein-3) by resolving negative supercoiling and R-loops during 
transcription, thereby preventing chromosomal translocations [82]. 
 
 RPA: RPA, a ssDNA binding protein, is recruited to bind ssDNA at stalled 
replication forks or sites of DSBs, where it functions as a sensor to activate DNA 
damage response and DNA repair [83]. Interestingly, RPA is also detected during 
transcription, indicating the presence of ssDNA during the process, thus questioning 
its role in antagonizing R-loop formation [84]. To this end, experiments conducted by 
Nguyen et al. depicted an interaction between RPA and RNase H1, which when 
compromised, led to the accumulation of R-loops and associated genome instability 
[85]. In-vitro biochemical assays could further demonstrate the ability of RPA to 
stimulate the activity and binding of RNase H1 to RNA:DNA hybrids [85]. Taken 
together, these studies define a sensory role for RPA in R-loop recognition and 
resolution by RNase H1. 
 
MCM-helicase: Besides its role in unwinding DNA during replication, biochemical 
studies indicated that MCM helicases could also unwind RNA:DNA hybrids in vitro 
while translocating on ssDNA, an activity that is conserved in bacteria, archaea and 
eukaryotes [86]. This brought attention to the role of MCMs in the resolution of R-
loops. MCM also has other regulatory functions, most importantly in the activation of 
the DNA replication checkpoint. A mutation in MCM2 component of the helicase, 
mcm2DENQ, inhibited signaling upon replication stress, causing transcription-
replication conflicts, thus inducing the formation of R-loops [87]. Origin usage 
patterns are affected if levels of MCM are perturbed, which may cause replication 
forks to approach transcription complexes in a different orientation. Indeed, depletion 
of MCM2 or MCM3  increases HO-collisions, resulting in increased R-loops and  
RNAPII-PCNA PLA foci, indicative of TRCs [24].  
 
BRCA1/BRCA2: Mutations in BRCA1 and BRCA2 have been known to increase 
susceptibility to breast, ovarian, pancreatic and prostate cancers, reflecting the 
importance of their role  in maintaining genome stability [88]. Bhatia et al. reported 
an interaction of BRCA2 with PCID2 (a subunit of the RNA export protein complex 
TREX-2), indicating a possible link to R-loop formation. They then concluded that 




BRCA2 depletion increased the level of R-loops in cells, especially at actively 
transcribed genes. BRCA2-deficient pancreatic adenocarcinoma (CAPAN-1) cells 
exhibited pan-nuclear -H2AX staining that could be rescued by the over-expression 
of RNase H1. The authors proposed that TREX-2 may participate in the recruitment 
of BRCA2 to the proximity of transcribed genes, where it can bind the displaced 
ssDNA of the R-loop, allowing easy access for RNA-DNA hybrid resolution by  
RNase H1 or Senataxin [70]. 
While identifying novel binding partners of BRCA1 to help elucidate its role in 
cancer suppression, the Livingstone group showed an interaction between BRCA1 
and Senataxin. BRCA1 depletion impaired SETX binding to transcriptional 
termination regions, suggesting a role for BRCA1 in serving as a scaffold for the 
recruitment of SETX. Depletion of SETX or BRCA1 increased R-loops and -H2AX 
accumulation at these regions [69]. ChIP data for BRCA1 show 764 distinct BRCA1 
peaks overlapping significantly with transcription termination regions (TR) and 70% 
overlap with paused RNAPII indicating the involvement of BRAC1 in transcriptional 
termination. These sites are also enriched for R-loops as demonstrated by genome-
wide DRIP analysis [50]. The screening of BRCA1 breast cancers revealed a 
significant enrichment for insertion-deletion mutations in the vicinity of the identified 
BRCA1 termination regions, further pointing to the role of this protein in regulating R-
loop-mediated DNA damage. 
 
Fanconi anemia proteins: The cancer predisposing syndrome- Fanconi 
anemia(FA), results from mutations in any of the 21 genes involved in the FA 
pathway. The most well characterized roles of FA proteins is in interstrand crosslink 
(ICL) repair as well as in stabilization of stalled replication forks. More recently, two 
major studies focused on their role in R-loop suppression. Depletion of FANCD2 and 
FANCA (mediates ubiquitination of FANCD2) increased the level of R-loops in cells 
and also displayed signs of genome instability. Interestingly, the authors also 
demonstrated a role for the translocase activity of FANCM in suppression of R-loops 
which was further confirmed by biochemical studies demonstrating that FANCM 
could unwind RNA:DNA hybrids in vitro [89]. Aguilera’s group observed an increase 
in R-loop formation in FA patient cells defective in FANCA or FANCD2 and primary 
bone marrow cells from FANCD2 deficient mice. They also showed DNA breaks in 




FA cells to be R-loop dependent [90]. Another study implicated that FANCD2 is 
required for faithful DNA replication through CFSs [91]. R-loop accumulation at CFSs 
in FANCD2-deficient cells was shown to drive genome instability. This was 
confirmed in a later study where FANCD2 binding sites were identified at CFSs by 
genome-wide ChIP-seq analysis upon mild replication stress [92]. Thus, a number of 
proteins associated with replication limit R-loop formation. 
 
C. Chromatin modifiers 
FACT (facilitates chromatin transcription) is a chromatin-remodeling complex known 
to swap nucleosomes to facilitate transcription and replication. It promotes RNAPII 
movement by interacting with histones, causing nucleosome disruption and 
reassembly, ahead and behind the transcribing polymerase, respectively [93]. 
Human and yeast FACT complexes interact with replication proteins and FACT 
deficient cells show impaired fork progression [94]. DRIP analysis in these cells 
indicated enrichment of R-loops and associated genome instability, suggesting a role 
for this complex in chromatin reorganization at regions of transcription-replication 
conflicts allowing the replisome to overcome transcription-mediated obstacles 
including R-loops [95]. 
 H3K9 methylation (H3K9me2 or H3K9me3) is a mark of eukaryotic 
transcriptional silencing of heterochromatin and is enriched at telomeres, 
pericentromeric heterochromatin and repetitive elements (REs). Using C.elegans as 
a model system, a recent study demonstrated an increase in the expression of REs 
in mutants lacking H3K methylation.  Increased transcription through these regions 
was also accompanied by increased R-loop formation and hypersensitivity to 
replication stress (Figure 8). This eventually results in copy number variations, 
insertion and deletions; especially at the transcribed REs [96]. These data illustrate 
that proteins that modulate chromatin states play a role in R-loop suppression. 





Figure 8: H3K9 methylation restricts transcription through repetitive elements         
The model illustrates how the loss of H3K9me could lead to the formation of secondary 
DNA structures and R-loops that engender replication stress specifically at 
heterochromatic repeats, to perturb genome integrity [96]. 
 
1.4.2.2 Re-solving the problem: Mechanisms to remove R-loops  
Despite the existence of mechanisms to prevent R-loops, failure of these could lead 
to excessive R-loop formation. Also, the R-loops that play roles in cellular processes 
have to be removed in time. Cells employ nucleases or helicases to eliminate them, 
and this is discussed in the following section (Figure 9). 
Nucleases: RNase H enzymes are ribonucleases that degrade the RNA moiety of 
the RNA:DNA hybrid, allowing the two DNA strands to reassemble. Eukaryotes have 
two types of RNase H enzymes: RNase H1 and RNase H2. While both enzymes can 
degrade hybrids with more than 4 ribonucleotides, RNase H2 can also remove single 
ribonucleotides mis-incorporated during DNA replication [97]. In yeast strains lacking 
one or both RNase H enzymes, mitotic recombination events were mapped genome-
wide.  Deletion of RNase H1 does not cause deleterious effects, suggesting that 
RNase H2 can compensate for its function while double mutant displays high levels 
of recombination and chromosome instability [98]. However, in mice, RNase H1 
knockout is embryonically lethal, owing to its role in mitochondrial replication and 
non-redundant functions of RNase H1 and RNase H2 in mammalian systems.  
 




Knockdown of human RNase H1 causes defects in replication fork progression and 
leads to R-loop accumulation [99]. RNase H1 over-expression has been used to 
rescue genome instability associated with R-loop formation in a number of studies in 
bacteria, yeast and humans. Hypomorphic mutations in RNase H2 in humans can 
lead to the neurodegenerative disorder Aicardi-Goutiéres syndrome [100]. 
 
Helicases: Helicases can resolve R-loops by unwinding the RNA:DNA hybrid, 
allowing DNA strands to re-anneal. 
Senataxin 
The most well characterized helicase in R-loop resolution is Senataxin (Sen1), which 
was initially found as an RNAPII associated factor in yeast. A helicase dead mutant 
of Sen1 altered the distribution of RNAPII across the genome, indicating its role in 
regulating transcription [101]. Sen1 function was better understood when a study 
showed that it could resolve RNA:DNA hybrids, preventing transcription associated 
genomic instability [102]. Sen1 was also found to associate with replication forks, 
suggesting that it may help protect forks while they pass through highly transcribed 
genes [103]. Human Senataxin (SETX) was also shown to resolve hybrids, more 
specifically at transcription termination pause sites, where it is recruited by its 
interaction with BRCA1, and releases the RNA for degradation by exonuclease Xrn2 
[51, 69]. The West group demonstrated that in response to replication stress, SETX 
co-localizes with DNA damage markers in a manner dependent on transcription and 
R-loop formation, suggesting that it localizes at the interphase of transcription and 
replication [104]. Recent publications also point to the role of SETX in resolving the 
RNA:DNA hybrids formed during DSB repair in transcriptionally active genes. 
Absence of functional SETX causes persistence of RNA:DNA hybrids around the 
DSB and leads to chromosomal deletions. Besides resolving the hybrid, SETX 
promotes RAD51 recruitment, preventing random rejoining of distant DNA ends, 
thereby limiting translocations [105, 106]. 
 





Figure 9. Mechanisms for resolution of R-loops 
RNase H enzymes degrade the RNA moiety of the RNA:DNA hybrid while helicases like 
Senataxin specifically unwind the RNA:DNA hybrid and allow re-annealing of the non-
template strand to restore the DNA double helix [34] 
 
Pif1 
Pif1 is a 5’-3’, ATP dependent helicase, conserved from bacteria to humans. Yeast 
Pif1 has been shown to unwind RNA:DNA hybrids and maintain genome stability at 
G-quadruplexes [107, 108]. More recently, mechanistic insights revealed association 
of Pif1 to 3’ss-ds DNA junctions, where it induces a repetitive DNA looping coupled 
to its translocation activity. This DNA periodic patrolling mechanism of Pif1 is used to 
unwind RNA:DNA hybrids as well as G4-quadraplexes [109]. 
 
DEAD-box superfamily helicases 
The nucleopore-associated mRNA export factor Ddx19, is a DEAD-box superfamily 
RNA helicase, recently shown to be recruited to the nucleus in response to 
replication stress, in a manner dependent on ATR/Chk1 activation, where it functions 
to resolve aberrant R-loops. The helicase can unwind hybrids in vitro and its 
depletion in vivo resulted in the accumulation of DNA damage as well as R-loops 
[110]. Another DEAD-box helicase, DDX21, was shown to be associated with PolI 
and PolII during transcription elongation and it can unwind co-transcriptional R-loops 
[111]. The Godbout group discovered an accumulation of DEAD box-1 protein 
(DDX1) at DSBs generated by ionizing radiation. By DRIP analysis, they could show 
that RNA:DNA hybrids persisted around DSBs upon DDX1 knockdown, indicating  
 
 





that this helicase may be involved in removing the transient hybrids forming around 
the break [112] [113]. 
 
RecQ helicases 
Among the RECQ family of helicases, Sgs1 and its human orthologue BLM were 
shown to unwind RNA:DNA hybrids in vitro [114]. Deletion of Sgs1 causes genome 
instability and R-loop formation, and regions of R-loop accumulation coincide with 
Sgs1 binding sites as well as the regions of chromosomal rearrangements. In human 
cells, BLM depletion causes R-loop-dependent genomic instability and this was also 
observed in BLM syndrome patient cells, further suggesting a possible involvement 
of these helicases in R-loop resolution [115]. 
 
1.4.3 Methods used to study R-loops 
The S9.6 antibody, which detects RNA:DNA hybrids as small as 6 bp with an affinity 
of 0.6 nM, was initially developed to enhance DNA/RNA hybridization in DNA 
microarray studies [116]. However, in the last few years, it has been used widely as 
a tool to study R-loops in vivo. Staining with the antibody has been used to directly 
visualize R-loops in a number of studies in both mouse and human cells.  
DNA:RNA immunoprecipitation (DRIP) with S9.6 antibody was used to pull-
down R-loops from fragmented genomic DNA. R-loops at specific loci can be tested 
using q-PCR or genome-wide by next generation sequencing. Genome-wide profiling 
in yeast showed that R-loops form at rDNA, telomeres, transposons and a subset of 
ORFs with high GC content and high transcription. DRIP-Seq with cells expressing 
Sen1, RNase H1 and THO complex mutants revealed specific differences in R-loop 
formation. RNase H1 depletion led to R-loop accumulation at t-RNA and 
mitochondrial genes [117, 118]. Besides rDNA, genome-wide DRIP studies in human 
cells showed that R-loops are formed mostly at 5’ and 3’ ends (promoters and 
terminators) of genes in pluripotent embryonic cells [48, 50]. Another study in 
HEK293 and IMR-90 fibroblasts suggested that R-loops are distributed widely in 
intergenic regions, introns and repetitive DNA elements [119]. All these studies 
identified GC-skewness (asymmetry in nucleotide distribution) as a characteristic 
feature of R-loop formation. Intron-less genes harbor higher R-loop densities than  





intron-containing genes of similar expression levels [120]. A high-resolution mapping 
of R-loops around promoters was achieved by combining bisulphite sequencing with 
DRIP- bisDRIP-seq, which uses bisulphite to convert cytosine to uracil residues 
within genomic regions containing ssDNA [121]. A computational algorithm to identify 
and map R-loop-forming sequences defined the need for a G cluster containing R-
loop initiation zone (RIZ) and at its end, an R-loop elongation zone (REZ), with a 
high GC content. According to the database, oncogenes and tumor suppressors 
have the ability to form R-loops, linking R-loop formation to cancer [122].  
Although, the S9.6 antibody is used widely, there have been inconsistencies 
in R-loop detection owing to its specificity. An RNase A pre-treatment was included 
to remove dsRNA in samples processed for S9.6 pull-down. A recent study showed 
that S9.6 could detect R-loops with a bias for certain sequences within the hybrid 
[123]. Understanding R-loop formation under different biological conditions requires 
the development of new tools and methods, and in this study, we sought to device a 
system to visualize and map R-loops under replication stress conditions in 









2. SCOPE OF THE STUDY 
 
Formation of R-loops in cells has been associated with genome instability and 
cancer. R-loops can block the progression of replication forks and cause replication 
stress. However, if replication stress can promote R-loop formation is not well 
understood. The main aim of this study was to understand the formation of R-loops 
under conditions of replication stress. 
 
We layed down the following major objectives: 
1. Establish a tool to detect and isolate R-loops in U-2OS cells. 
2. Using this tool, check for R-loop formation under different forms of replication 
stress. We focussed on mild replication stress mediated by low dose of 
aphidicolin and replication arrest induced with high dose of hydroxyurea. 
3. Study the impact of R-loop formation upon replication stress on replication 
fork progression and its consequences in mitosis. 
4. Genome-wide identification of R-loop forming loci under conditions of mild 
replication stress and replication arrest. 
 
 





3. MATERIAL AND METHODS 
 
 
3.1 Plasmid construction 
The M27 variant of human RNase H1, lacking first 26 amino acids that contain 
mitochondrial targeting signal was used to construct WT and mutant RNase H1 
versions Point mutation in the catalytic site of GFP-tagged hM27 RNase H1 (kindly 
provided by Dr. Robert Crouch), that generates catalytically dead enzyme [D210N 
(GAC→AAC)] [124], was introduced using Quick Change Site-Directed Mutagenesis 
kit (Agilent Technologies). 
Following primers were used for mutagenesis: 
RNH1-F(D210N): 5’-CTGGTTCTGTATACAAACAGTATGTTTACGA 
RNH1-R(D210N): 5’-TCGTAAACATACTGTTTGTATACAGAACCAG 
The EcoRI-NotI fragment of plasmid pEGFP-N2 containing hM27 RNaseH1 (WT) or 
(D210N) was blunt ended by large Klenow fragment and subcloned into plasmid 
pAIO digested with EcoRV [125]. A DNA oligoduplex encoding for an shRNA for 
endogenous RNase H1 silencing was introduced between the BglII and HindIII sites 
of pAIO vector (shRNA targeted to region 730-751 RNaseH1). 
Top strand RNase H1 sh730F: 
5’GATCTACGATAAATGGTATAACTAACCTCGAGGTTAGTTATACCATTTATCGTT
TTTTCTGCAGA   
Bottom strand RNase H1 sh730R:  
5’AGCTTCTGCAGAAAAAACGATAAATGGTATAACTAACCTCGAGGTTAGTTATA
CCATTTATCGTA  
NotI-HindIII fragment of pAIO shRNase H1 containing shRNA was ligated with 
HindIII-NotI fragment of pAIO containing hM27 RNase H1-EGFP. In the resulting 
construct seven silent mutations were introduced into the RNase H1 cDNA between 
nucleotides 730-751 to render the resulting RNase H1 transcript resistant to the 
shRNA. Following primers were used for mutagenesis- 











Second round primers:  
RH1_MTG730_2F:5’GTTTACCATCAACGGCATCACGAATTGGGTTCAAGGTTGG 
RH1_MTG730_2R:5’-CCAACCTTGAACCCAATTCGTGATGCCGTTGATGGTAAAC. 
Underlined nucleotides were mutated. 
 
3.2 Cell culture  
U2OS T-REx derived cell lines were maintained in Dulbecco Modified Eagle's 
Medium (DMEM; Invitrogen) supplemented with Tet-free approved 10% fetal calf 
serum (FCS; Life Technologies), streptomycin/penicillin (100 U/mL), 1 μg/ml 
puromycin and 50 μg/ml hygromycin B (InvivoGen) at 37 °C in a humidified incubator 
containing 5% CO2.  
 
3.3 Inhibitors 
The following compounds were used at the indicated final concentrations, unless 
stated otherwise: Doxycycline (1 ng/ml, Tocris), Aphidicolin (0.2 µM, Sigma-Aldrich), 
Hydroxyurea (10 mM, Sigma-Aldrich), Diospyrin D1 (5 µM; a kind gift from Dr. 
Banasri Hazra, Jadavpur University, Calcutta, India), Camptothecin (250 nM, 
Selleckchem), Olaparib (10 μM, Sigma-Aldrich), UCN-01 (300 nM, Sigma-Aldrich), 
Triptolide (1 μM, Sigma-Aldrich) Nocodazole (200 ng/ml, Sigma-Aldrich), R0-3306 (9 
µM, Sigma-Aldrich), Cytochalasin B (2 μg/ml, Sigma-Aldrich) 
 
3.4 Generation of stable cell lines 
U2OS T-REx cells were transfected with 2 μg of pAIO-based constructs of GFP-
tagged wild-type and catalytically-inactive mutant (D210N) of RNaseH1 and selected 
in the presence of 1 µg/ml puromycin (InvivoGen). Post-culturing for 10-14 days, 
healthy clones were isolated and positive clones were identified by testing for 
expression of the desired proteins by western blotting using anti-GFP antibody, 
before and after doxycycline induction.  





3.5 Western blot analysis  
Cells were trypsinized and washed with PBS before re-suspension in lysis buffer [50 
mM Tris-HCl buffer (pH 7.5) ,120 mM NaCl, 20 mM NaF, 1 mM EDTA, 6 mM EGTA, 
15 mM Na-Pyrophosphate and 0.5% NP-40] and sonicated for 5 min with a 
Diagenode sonicator. Cell lysate was clarified by centrifugation at 13000 rpm for 30 
min at 4°C. Protein concentration of the soluble fraction was measured by Bradford’s 
method. Samples were boiled in Laemmli sample buffer and separated by SDS-
PAGE. Proteins were then transferred onto a Hybond-P PVDF membrane (GE 
Healthcare) in a semi-dry transfer apparatus at 56 mA for 90 min. Afterwards, the 
membrane was blocked with 5% milk in TBST (Tris-buffered saline supplemented 
with 0.01% Tween-20) for 30 min and then incubated with the respective primary 
antibodies (diluted in 5% milk/TBST) at 4°C overnight. The membrane was then 
washed three times in TBST and incubated with appropriate horseradish peroxidase-
coupled (HRP) secondary antibody (anti-mouse 1:10000 and anti-rabbit 1:5000 
dilution) for 1 h at RT. Then, the membrane was washed three times with TBS-T and 
bands were detected using ECL western blotting substrate (Pierce). The following 
primary antibodies were used for immunoblotting: GFP rabbit polyclonal 
(Abcam,1:2000), TFIIH rabbit polyclonal (Santa Cruz, 1:1000).  
 
3.6 Immunofluorescence assays  
Cells were grown on cover slips. After treatment with drugs, cells were washed with 
PBS (Phosphate-buffered saline) and pre-extracted using CSK buffer (25 mM 
HEPES, 50 mM NaCl, 1 mM EDTA, 3 mM MgCl2,300 mM sucrose and 0.5% Triton 
X-100) on ice for 10min and then fixed with 4% formaldehyde to retain only 
chromatin-bound proteins. After several washes with PBS, cells were permeabilized 
with 0.5% Triton X-100/PBS for 5 min at RT. Cells were blocked in 5% BSA/PBS 
solution for 30 min and then incubated with the appropriate primary antibody (diluted 
in 5% BSA) at 4°C overnight. Cover slips were washed three times with PBS and 
incubated with the secondary antibody for 1 h at RT. After washing with PBS, cover 
slips were stained for 10 min at RT in the dark with 1 mg/ml DAPI (Sigma- Aldrich) 
diluted 1:2000 in PBS and mounted on glass sides using Fluoromount-G 
(Invitrogen). The mounted slides were left to dry overnight at 4°C. Slides were  





analyzed with a fluorescent microscope at 63X magnification (Leica microscope, 
model DM6B, coupled to the DMC 2900 digital camera). The following primary 
antibodies were used for immunofluorescence staining: 53BP1 rabbit polyclonal 
(Santa Cruz; 1:200 dilution); Phospho-H2AX (Ser 139) mouse monoclonal (Millipore; 
1:500 dilution). The secondary antibodies used were: Alexa Fluor 488 Goat Anti-
Rabbit IgG (Thermo Fisher Scientific; 1:300) and Alexa Fluor 594 Goat Anti-Mouse 
IgG (Thermo Fisher Scientific; 1:300).  
 For measuring 53BP1 nuclear bodies in G1, S-phase cells were marked by 
pulse-labeling with EdU for 30 min; incorporated EdU was visualized by the Click-iT 
EdU reaction according to the manufacturer's protocol (Thermo Fisher Scientific). 
 
3.7 Analysis of anaphase bridges and micronuclei 
For anaphase bridge analysis, cells grown on coverslips were synchronized with 9 
μM RO-3306 for 16 h, washed twice with 1X PBS for 5 min at RT and released into 
fresh DMEM medium for 1 h at 37°C. After release, cells were crosslinked with 4% 
formaldehyde for 10 min at RT, washed with PBS, followed by DAPI staining and 
mounting on glass slides. For quantification using a Leica DM6B fluorescent 
microscope, all anaphase cells were counted, and scored for the presence of DAPI-
stained bulky bridges.  
 For micronuclei detection, cells were seeded on cover-slips and the medium 
was supplemented with 2 μg/ml cytochalasin B (micro-filament assembly inhibitor), 
for the last 16 h, to block cytokinesis in cells. These cells were then fixed with 4% 
formaldehyde for 10 min at RT and stained with DAPI. Images were acquired using a 
Leica DM6B fluorescent microscope at 63X magnification, and the percentage of bi-
nucleated cells with micronuclei was determined. 
 
3.8 Chromosome spread analysis  
Asynchronously growing cells were supplemented with medium containing 200 ng/ml 
nocodazole, 5 h before harvesting by mitotic shake-off. Cells were collected in a 15 
ml tube and centrifuged for 5 min at 4°C. The supernatant was removed and the cell 
pellet was resuspended in 1 mL of DMEM. To this, 8 mL of a 75 mM KCl solution 
was added and cells were incubated at 37°C for 15 min. 5 mL of freshly prepared  





Carnoy's buffer (75% methanol, 25% glacial acetic acid) was then added to the cells 
in KCl solution for 15 min at RT. The fixing step using Carnoy's buffer was repeated 
thrice, re-suspending cells in 8 mL of Carnoy’s buffer for each incubation. Cells were 
then spread drop-wise, from about 6 inches height, onto glass slides and dried 
overnight at RT. Next day, slides were stained with DAPI and mounted with 
coverslips using Fluoromount-G. Chromosome spreads were analyzed on a Leica 
DM6B fluorescent microscope at 100X magnification and visible gaps/breaks were 
quantified for each spread.   
 
3.9 DNA fiber analysis 
Cells were pulse-labeled with 30 µM of thymidine analogue chlorodeoxyuridine 
(CldU; Sigma-Aldrich) for 30 min, washed twice with PBS, followed by pulse labeling 
with 250 µM 5-iodo-2′-deoxyuridine (IdU; Sigma-Aldrich) for 30 min. Post-labelling, 
cells were washed twice with PBS, trypsinized and re-suspended in PBS to a 
concentration of 2.5 × 105 cells/mL. Labeled cells were diluted 1:1 with unlabeled 
cells, and 2.5 µl of cells were mixed with 7.5 µl of lysis buffer (200 mM Tris-HCl, pH 
7.5, 50 mM EDTA, and 0.5% SDS) on a glass slide and incubated for 9 min. The 
slides were then tilted at 15–45°, and the spreads were air-dried and fixed at 4°C 
overnight in 3:1 methanol/acetic acid. DNA fibers were denatured with 2.5 M HCl for 
1 h, washed with PBS, and blocked with 2% BSA in PBST (PBS supplemented with 
0.1%Tween-20) for 30 min. Slides were incubated with primary antibodies against 
CldU (rat; Abcam) and IdU (mouse; Becton Dickson), respectively, for 2.5 h at RT. 
After five PBST (PBS supplemented with 0.2%Tween-20) washes, slides were 
incubated for 2 h in the dark at RT with the following secondary antibodies: anti–
mouse Alexa Fluor 488 (Invitrogen) and anti–rat Cy3 (Immuno Research). The slides 
were again washed five times with PBST, air dried and mounted with 20 µl of 
Antifade gold (Invitrogen). Images were acquired with a fluorescence microscope 
(Leica microscope, model DM6B, coupled to the DMC 2900 digital camera) at 63X 
magnification. Replication tracts were measured using ImageJ software. Data were 
plotted using GraphPad Prism (Box and whiskers plot, whiskers drawn down to the 
10th percentile and up to the 90th). Statistical significance was calculated using the 
Mann-Whitney test. 





3.10 Chromatin Immunoprecipitation (ChIP)  
Cells grown in 15 cm plates were pre-extracted using CSK buffer (25 mM HEPES, 
50 mM NaCl, 1 mM EDTA, 3 mM MgCl2,300 mM sucrose and 0.5% Triton X-100) 
and crosslinked with 1% (v/v) formaldehyde for 15 min at 30°C. Fixation was 
stopped by adding glycine to a final concentration of 125 mM followed by incubation 
for 10 min at 30°C. After washing twice with PBS, cells were collected with a cell 
scraper in 1 mL of cell lysis buffer (10 mM Tris-HCl pH 8.0, 10 mM NaCl, 0.2% NP-
40 and 1 X protease inhibitor cocktail) and incubated for 30 min on ice. Nuclei were 
collected by centrifugation at 5000 rpm for 10 min and suspended in nuclear lysis 
buffer (50 mM Tris-HCl pH 8.0, 10 mM EDTA, 1% SDS and 1 X protease inhibitor 
cocktail). Chromatin DNA was sheared to ~300 bp fragments by sonication using the 
Diagenode bioruptor on high intensity for 30 min. To quantify the chromatin, a 50μl 
aliqot of fragmented DNA was subjected to overnight reverse cross-linking at 65°C 
using 300mM NaCl. Next day, following RNase A treatment for 15 min at 37°C and 
deproteinisation using Proteinase K at 55°C for 1 h, DNA was purified and quantified 
using a nanodrop. 10 μg of chromatin was then incubated with magnetic beads 
conjugated with anti-GFP antibody (rabbit polyclonal, Abcam) overnight in IP buffer 
(150 mM NaCl, 50 mM Tris-HCl pH 7.5, 5 mM EDTA, 0.5% NP-40, 1% Triton X-100 
and 1 X protease inhibitor cocktail) at 4°C. 5% of fragmented chromatin was saved 
as input. The following day, beads were sequentially washed three times with IP 
buffer, low salt buffer  (20 mM Tris-HCl pH 8.0, 150 mM NaCl, 1% Triton X-100, 
0.1% SDS, 2 mM EDTA and 1 X protease inhibitor cocktail), high salt buffer (20 mM 
Tris-HCl pH 8.0, 500 mM NaCl, 1% Triton X-100, 0.1% SDS, 2 mM EDTA and 1 X 
protease inhibitor cocktail), once with LiCl buffer (10 mM Tris-HCl pH 8.0, 250 mM 
LiCl, 1% NP-40, 1% Deoxycholate, 1 mM EDTA and 1 X protease inhibitor cocktail) 
and once with TE buffer (10 mM Tris-HCl pH 8.0 and 1 mM EDTA). The protein-
chromatin complex was eluted with elution buffer (1% SDS, 300mM NaCl and 0.1M 
NaHCO3) and reverse-crosslinked by incubation overnight at 65°C. After sequential 
RNase A and Proteinase K (0.2 μg/mL) treatment at 55°C for 1 h, DNA fragments 
were purified using QIAquick PCR purification kit (QIAGEN). DNA was then either 
used for qPCR analysis or for library preparation followed by ChIP-seq.  
 





3.11 DNA: RNA immunoprecipitation (DRIP) 
Genomic DNA was extracted from U2OS T-REx cells by chloroform extraction, 
precipitated with ethanol and re-suspended in TE (10 mM Tris-HCl pH 8.0 and 1 mM 
EDTA). DNA was digested with a cocktail of restriction enzymes (BsrgI, EcoRI, 
HindIII, SspI, XbaI) overnight at 37 °C. For RNase H treated samples, 8 μg of 
digested DNA was treated with RNase H (NEB) overnight at 37 °C. For RNA:DNA 
hybrid immunoprecipitation, 4 μg of DNA was incubated with 10 μg of S9.6 antibody 
(HB8730) [116] overnight in 1X binding buffer (10 mM NaPO4 pH 7.0, 140 mM NaCl, 
0.05% Triton X-100)  at 4 °C. 5% of DNA was removed as input. The following day, 
20 μL Protein A/G sepharose magnetic beads (Pierce) were added for 2 h at 4 °C. 
Beads were washed thrice with binding buffer and incubated with elution buffer (50 
mM Tris pH 8, 10 mM EDTA, 0.5% SDS, Proteinase K) for 45 min at 55 °C. Eluted 
DNA was purified by phenol:chloroform extraction, followed by ethanol precipitation 
and subjected to qPCR analysis.  
 
3.12 q-PCR analysis 
Purified DNA samples obtained by ChIP and DRIP methods were analyzed by qPCR 
performed on a Roche LightCycler 480 Instrument II using SYBR-Green master mix 
(Roche). Relative enrichment was calculated as the amount of precipitated DNA 
relative to the amount of DNA present in input chromatin (% of input), and 




Sequences of primers (in 5’→ 3’ direction) 
Forward (Fwd) Reverse (Rev) 
RSP19 GAGGCAGAGGTTGCAGTGAGTC CTGGTAGAGAACAAGCTCCCAT 
RPL22 GTGAACGGAAAAGCTGGGAAC CTGGGCACTGGGTGCACGCA 
ACTG1-3 GGTGACACAGCATCACTAAGGG GACAGCACCGTGTTGGCGTA 
ACTG1-5 GGTGACACAGTGAGACCCTATCT GGCGTTCTTTACATATTGTGGAT 
APOE CCGGTGAGAAGCGCAGTCGG CCCAAGCCCGACCCCGAGTA 
RPL13A GCTTCCAGCACAGGACAGGTAT CACCCACTACCCGAGTTCAAG 
BTBD19 CCCCAAAGGGTGGTGACTT TTCACATTACCCAGACCAGACTGT 




DHFR-2 GTTCTATAGTCACTGCATCTTAGTC TGCTAATTCTGGTTGTTCAGTAAG 
DHFR-4 TTGTTTCAGGGACAGGGTCTT CTGTGGTGGGAAGATGGCT 
FRA3B CACTTCCTAACAGGCCCAAA CCTCCACTTCTCCTCCCTCT 
FRA16D TCCTGTGGAAGGGATATTTA CCCCTCATATTCTGCTTCTA 
 
 
3.13 ChIP-sequencing and analysis 
Purified DNA samples obtained by ChIP were quantified with Qubit dsDNA HS assay 
(Invitrogen) and fragment size distribution was monitored by capillary electrophoresis 
(Agilent 2100 Bioanalyzer, High Sensitivity DNA Chips (Agilent), and sequenced 
according to Illumina protocols. Briefly, sequencing libraries were prepared using the 
NEBNext Ultra DNA Library Prep kit for Illumina (E7370S, NEB). Following adaptor 
ligation, DNA was PCR amplified and libraries were sequenced paired-end on a 
HiSeq 2500 instrument (Illumina). 
Sequencing data generated was first subjected to quality checks using FastQC 
analysis. Trimmomatic and Cutadapt were used to trim the reads and remove low-
quality and adaptor sequences [126]. Processed reads were mapped to GRCh38 
standard reference assembly using GSNAP[127]. Peak calling was performed using 
MACS2 [128] and suspicious peaks were defined as the union of all peaks from the 
biological replicates and treatments, enriched over the input requiring at least twofold 
enrichment and q < 0.05. DESeq2 was used to obtain among the suspicious peaks 
the treatment specific peaks, defined by two-fold enrichment between treatment 
groups but similar coverage within the same treatment. Statistical significance was 
controlled by false discovery rate (FDR < 0.1) [129]. Bedtools was used to overlap 
peaks to regions in the genome and annotations were in line with EnsEMBL version 
90 [130]. SortMeRNA was used to quantify fraction of rDNA reads [131]. Plots were 














4.1 Catalytically-inactive RNase H1 can be used to detect R-loops in human 
cells 
The monoclonal antibody (S9.6) that recognizes RNA:DNA hybrids has been widely 
used to study R-loops in cells[116]. We established another tool- a stable U2OS-T-
REx cell line that upon induction with doxycycline (dox) expresses catalytically-
inactive RNase H1 (D210N) as a fusion with green fluorescence protein (GFP) 
(Figure 10A). This RNase H1 mutant can efficiently bind to R-loops but is unable to 
degrade them ([124]. The use of a GFP-tag enables the detection of R-loops by 
fluorescence microscopy and allows their isolation by immunoprecipitation using 
anti-GFP antibody. We also generated an U2OS-T-REx cell line for inducible 
expression of GFP-tagged wild-type RNase H1 (Figure 10B).  
To demonstrate that this cellular system could be used for detection of R-
loops, cells were exposed to diospyrin D1, an inhibitor of the spliceosome assembly 
known to induce R-loop formation [80]. To detect binding of RNH1(D210N)-GFP to 
chromatin, cells were pre-extracted to remove unbound proteins and analyzed by 
fluorescence microscopy. We observed nuclear retention of RNH1(D210N)-GFP in 
majority of diospyrin-treated cells, indicative of R-loop formation (Figure 10C, D). 
Mock-treated cells displayed nucleolar a RNH1(D210N)-GFP signal, indicative of R-
loop formation in rDNA regions (Figure 10C). 
 
 






Figure 10: Establishment of a tool to detect R-loops 
A. A scheme of   RNase H1 fused to green fluorescence protein (GFP): position of the 
D210N substitution in the catalytic domain of RNase H1 is indicated. This mutant of RNase 
H1 can bind to RNA:DNA hybrids, but fails to degrade these structures (top panel).  
Schematic of the inducible system for expression of RNH1(D210N)-GFP. RNH1(D210N)-
GFP was cloned to the plasmid pAll-In-One (pAIO) under the control of a CMV promoter 
containing two copies of the tet operator (TetO2) sequence. This plasmid was transfected 
into U2OS T-REx cells to generate a stable cell line. Tet repressor, which is constitutively 
expressed in U2OS T-REx cells, binds to tet operator sequence and blocks expression of 
RNH1(D210N)-GFP. Addition of doxycyclin (dox), which binds with high affinity to the tet 
repressor and causes a conformational change that releases it from the tet operator, 
expression of RNH1(D210N)-GFP is induced (bottom panel).  
B. Western blot analysis of extracts of U2OS T-REx cells expressing RNH1(D210N)-GFP 
and RNH1(WT)-GFP upon induction with 1ng/ml dox for 24 h. 
C. Representative images of cells expressing RNH1(D210N)-GFP induced by 1 ng/ml dox 
for 24 h, and treated with either DMSO (mock) or 5 µM diospyrin D1 for the last 4 h. After 
pre-extraction, cells were fixed with formaldehyde and nuclei were stained with DAPI.  
D. Quantification of images represented in C, depicted as percentage of GFP-positive cells. 
Data are represented as mean of three independent experiments; error bars show SEM. 
 
 





4.2 R-loops are formed in response to replication stress 
Having established the tool to detect R-loops in cells, we wanted to test for R-loop 
formation under conditions of replication stress (RS). Cells expressing mutant RNase 
H1 were exposed to (i) low dose of aphidicolin (APH- a DNA polymerase inhibitor); 
and (ii) high dose of hydroxyurea (HU- causes dNTP depletion by inhibiting 
ribonucleotide reductase). We observed that a significant fraction of cells formed R-
loops under these conditions. These cells were also positive for the histone variant -
H2AX, indicative of RS (Figure 11A, B). We then performed a time course analysis to 
determine the duration of these treatments that induces maximum R-loop formation. 
Prolonged treatment with APH (16 h) and rather short exposure to HU (6 h) yielded 
the highest level of R-loops (Figure 11C, D). Other forms of RS were also tested for 
their ability to promote R-loop formation. Camptothecin (CPT)- a topoisomerase I 
inhibitor and UCN-01, inhibitor of CHK1, generated around 40% cells positive for R-
loops and also -H2AX (Figure 11E, F).  
Next, we wanted to check the effect of transcription inhibition on RS induced 
R-loop formation. We treated cells with Triptolide (TRP), an inhibitor of transcription 
initiation, prior to and during HU treatment, and observed a significant decrease in R-









Figure 11: R-loop formation upon replication stress 
A. Representative immunofluorescence images of U2OS T-REx [RNH1(D210N)-GFP] cells 
induced with 1 ng/ml dox for 24 h and treated with DMSO (mock) or APH (0.2 µM) for the 
last 16 h; or HU (10 mM) for the last 6 h. Cells were pre-extracted to detect chromatin bound 
protein and immunostained for γ-H2AX. Nuclei were stained with DAPI. 




B. Quantification of GFP-positive cells in A. Data are represented as mean of three 
independent experiments; error bars show SEM. 
C. Average number of RNH1(D210N)-GFP foci per nucleus of cells induced with 1 ng/ml dox 
for 24 h, and co-treated with APH (0.2 µM) for the indicated time points.  
D. Average number of RNH1(D210N)-GFP foci per nucleus of cells induced with 1 ng/ml dox 
for 24 h, and co-treated with HU (10 mM) for the indicated time points. 
E. Representative immunofluorescence images of U2OS T-REx [RNH1(D210N)-GFP] cells 
induced with 1 ng/ml dox for 24 h and treated with UCN-01 (300 nM) for the last 6 h; or CPT 
(250 nM) for the last 16 h. Cells were pre-extracted to detect chromatin bound protein and 
immunostained for γ-H2AX. Nuclei were stained with DAPI. 
F. Quantification of GFP-positive cells in E. Data are represented as mean of three 
independent experiments; error bars show SEM. 
G. Quantification of GFP positive cells: U2OS T-REx [RNH1(D210N)-GFP] cells induced 
with 1 ng/ml dox for 24 h and treated with DMSO (mock); TRP (1 µM) 6 h; or HU (10 mM) for 
5 h; or TRP (1 µM) for 1 h combined with HU (10 mM) for the last 5 h. Cells were pre-
extracted to detect chromatin bound protein and nuclei were stained with DAPI. 
 
4.3 R-loops pose a roadblock to replication fork progression under conditions 
of replication stress 
Replication fork progression is impaired when cells are exposed to DNA synthesis 
inhibitors, either due to reduction in polymerase speed or presence of hurdles that 
obstruct polymerase movement [132]. To visualize individual forks, DNA fiber 
analysis was performed wherein cells were sequentially pulse-labeled with 
halogenated thymidine analogues CldU and IdU for 30 minutes each, and either a 
low dose of APH or high dose of HU were added during the second labeling. As 
expected, we observed significant shortening of the IdU tracts under these 
conditions, indicating fork slowing (Figure 12A). To check if R-loops contribute to this 
fork slowing phenotype, we over-expressed WT RNase H1 24 hours prior to DNA 
labeling. We could observe a partial rescue of replication fork progression upon 
RNase H1 over-expression both in APH- and HU-treated cells, indicating that R-
loops retard fork movement under RS conditions. However, the observed IdU tract 
shortening was primarily the consequence of DNA polymerase inhibition by APH or 
dNTP depletion upon HU (Figure 12B). 
To distinguish between the overall DNA replication slowing due to inhibition of 
DNA polymerase and fork stalling by a barrier such as an R-loop, we measured the 
progression of sister replication forks. In non-treated cells, sister forks progress at a 
similar rate from a given origin generating a symmetrical pattern in DNA fiber assay 
(ratio of the lengths of two IdU tracts~1), whereas on encountering an obstacle on  





any one side, an IdU tract asymmetry can be observed (ratio of the shorter to the 
longer IdU tract <1). We could detect a significant increase in fork asymmetry when 
cells were exposed to APH or HU (Figure 12C). To test whether this replication tract 
asymmetry is a consequence of R-loop formation, we measured the progression of 
sister forks upon resolving R-loops by over-expression of RNase H1. We observed 
that both APH- and HU-induced sister fork asymmetry was completely suppressed 
upon RNase H1 overexpression, indicating that R-loops pose a roadblock to fork 
progression under RS conditions (Figure 12D).  
Next, we wanted to test if these R-loops form as a consequence of collisions 
between transcription and replication machineries. We therefore sought to test 
whether inhibition of transcription affects replication fork progression under RS. To 
this end, cells were pre-treated with transcription inhibitor triptolide (TRP), two hours 
prior to pulse-labelling with halogenated nucleotides and second labeling was 
combined with either APH or HU treatment as in previous experiments (Figure 12E). 
Fork slowing upon RS was significantly rescued when transcription was inhibited 
(Figure 12F). In addition, sister fork asymmetry observed after APH and HU 
treatments was fully suppressed when transcription was inhibited prior to these 
treatments (Figure 12G). These data suggest that the block in fork progression is a 
consequence of TRCs, and if transcription is inhibited, fork stalling in response to RS 
can be rescued, presumably because R-loop formation is suppressed. 
We also expressed the catalytically inactive mutant of RNase H1, which would 
stabilize rather than resolve R-loops, and performed the same DNA fiber assays. 
Over-expression of mutant RNase H1 further slowed replication fork progression 
upon APH treatment. Additionally, unlike WT RNase H1, the fork asymmetry pattern 
in APH-treated cells could not be rescued by over-producing the mutant enzyme. 
These results confirm that formation and persistence of R-loops upon RS impede 









Figure 12: R-loops impair replication fork progression upon replication stress 
A. Top panel: Labeling scheme for DNA fiber analysis: U2OS T-REx [RNH1-GFP] cells were 
labelled sequentially with CldU or IdU for 30 min each. Where indicated, APH (0.2 µM) or 
HU (5 mM) were added during the IdU pulse. For non-treated (NT) control, DMSO was 
added. Prior to the labelling, expression of WT(RNH1)-GFP was induced (RNH1) with 1 
ng/ml Doxycycline (dox) for 24 h. 




Bottom panel: Representative images of DNA replication tracts detected on DNA fibers upon 
the indicated conditions. 
B. Ratio of the IdU to CldU tract lengths was plotted for indicated treatments following the 
experimental workflow described in (A). At least 200 replication tracts were scored per 
sample. Horizontal lines represent the median value, and boxes and whiskers show 10–90th 
percentiles. Statistical analysis according Mann–Whitney test: ns, not significant; *** P≤ 
0.001; ****, P ≤ 0.0001.  
C. Scheme and representative images of symmetric forks (Ratio of IdU tract lengths =1) and 
asymmetric forks (Ratio of IdU tract lengths <1) 
D. Ratio of lengths of IdU tracts of sister forks were plotted for indicated treatments following 
the scheme described in (A). At least 150 sister forks were scored per sample. Horizontal 
lines represent the median value, and boxes and whiskers show 10–90th percentiles. 
Statistical analysis according Mann–Whitney test: ns, not significant; ****, P ≤ 0.0001.  
E. Labeling scheme for DNA fiber analysis upon transcription inhibition: U2OS T-REx 
[RNH1-GFP] cells were labelled sequentially with CldU or IdU for 30 min each. Where 
indicated, APH (0.2 µM) or HU (5 mM) were added during the IdU pulse. For non-treated 
(NT) control, DMSO was added. Prior to the labelling, cells were treated with TRP (1 µM) for 
2 h. 
F. Ratio of the IdU to CldU tract lengths was plotted for indicated treatments following the 
experimental workflow described in (A). At least 200 replication tracts were scored per 
sample. Horizontal lines represent the median value, and boxes and whiskers show 10–90th 
percentiles. Statistical analysis according Mann–Whitney test: ns, not significant; *** P≤ 
0.001; ****, P ≤ 0.0001.  
G. Ratio of lengths of IdU tracts of sister forks were plotted for indicated treatments following 
the scheme described in (A). At least 100 sister forks were scored per sample. Horizontal 
lines represent the median value, and boxes and whiskers show 10–90th percentiles. 
Statistical analysis according Mann–Whitney test: ns, not significant; ****, P ≤ 0.0001.  
H. DNA fiber analysis for cells expressing RNH1(D210N)-GFP upon treatment with 1ng/ml 
dox for 24hrs (D210N-RNH1). DNA fiber analysis was performed as in (A). Ratio of the IdU 
to CldU tract lengths was plotted. Horizontal lines represent the median value, and boxes 
and whiskers show 10–90th percentiles. Statistical analysis according Mann-Whitney test: 
ns, not significant; ****, P ≤ 0.0001.  
I. Sister fork ratio upon expression of RNH1(D210N)-GFP. DNA fiber analysis was 
performed as in (C). At least 100 sister forks were scored per sample. Horizontal lines 
represent the median value, and boxes and whiskers show 10-90th percentiles. Statistical 
analysis according Mann–Whitney test: ns, not significant. 
 
 
4.4 R-loops contribute to chromosome segregation impairment and genome 
instability in cells exposed to replication stress  
We detected R-loop formation in cells upon mild RS (low dose of APH) and in 
addition, we showed that impairment of fork progression upon APH was dependent 
on R-loop formation. To further explore the effect of R-loop formation in cells when 
they enter mitosis, we scored for chromatid breaks on prometaphase chromosome 
spreads of cells exposed to APH. Low dose of APH stimulates chromosome fragility,  





which is seen as appearance of approximately two breaks/gaps per chromosome 
spread. Resolution of R-loops by over-production of WT RNase H1 significantly 
reduced the formation of these breaks/gaps while stabilization of R-loops by over-
expression of the mutant form of RNase H1 (D210N) further increased the fragility 
(Figure 13A). 
We then asked if persistent R-loops could cause chromosome segregation 
defects upon RS. The increase in DAPI-positive anaphase bridges and accumulation 
micronuclei around bi-nucleated cells upon treatment with APH could be partially 
rescued when WT RNase H1 was over-expressed, suggesting a role of R-loop 
formation in chromosome mis-segregation. Over-production of the mutant RNase H1 
did not have any significant effect on these phenotypes (Figure 13B, C).  
Another cytological marker of these mitotic defects is an increase in the 
number of 53BP1 nuclear bodies in newly born G1 daughter cells. Upon APH 
treatment, about 80% of G1 cells contained more than 3 53BP1 nuclear bodies, and 
this was reduced when R-loops are resolved by over-expressing WT RNase H1, but 
not upon R-loop stabilization with the RNase H1 mutant (Figure 13D). These data 
suggest that under conditions of RS, cells present signs of genomic instability and 










Figure 13: Contribution of R-loops to genomic instability and chromosome mis-
segregation upon replication stress 
A. Effect of RNase H1 (RNH1) overexpression on chromosome fragility induced by 
replication stress. Left panel: Examples of intact and broken prometaphase chromosomes of 
cells treated with APH (0.2 µM) for 16 h. Arrows denote chromatid breaks. Right panel: 
Quantification of chromatid breaks in U2OS T-REx cells treated with (+) or without (-) APH. 
Where indicated (+), expression of wild-type (WT) RNH1 (grey bars) and mutant RNH1 
(D210N; green bars) was induced with 1ng/ml dox for 24 h prior to treatment. Data are 
represented as mean of three independent experiments; error bars show SEM. 
B. Effect of RNH1 overexpression on the formation of micronuclei upon replication stress. 
Left panel: Representative images of bi-nucleated cells without (top) and with (bottom) 
micronuclei (remove NT and APH). Cells were treated with APH (0.2 µM) and Cytochalasin 
B (2µg/ml) for 16 h. Red arrow indicates a micronucleus. Right panel: Quantification of 
percentage of bi-nucleated cells with micronuclei for indicated conditions. Expression of WT 
RNH1 (grey bars) and Mutant RNaseH1 (green bars) was induced (+) with 1ng/ml dox for 24 
h prior to treatment with APH (or DMSO) and Cytochalasin B. Data are represented as mean 
of three independent experiments; error bars show SEM (right). 
C. Effect of RNH1 overexpression on the formation anaphase bridges upon replication 
stress. Left panel: Examples of anaphase cells with or without DAPI-positive bulky bridges 
(red arrows). Right panel: Quantification of the frequency of DAPI-positive anaphase bridges 
in cells treated with (+) or without (-) APH (0.2 µM). Expression of WT Rnase H1 (grey bars)  





and mutant Rnase H1(green bars) was induced with 1ng/ml dox for 24 h prior to treatment. 
Data are means of two independent experiments; error bars show SEM (right). At least 75 
anaphase cells were scored in each experiment. 
D. Effect of RNH1 overexpression on accumulation of DNA damage in G1 cells upon 
replication stress. Left panel: Examples of G1 cells (EdU negative) containing 53BP1 
nuclear bodies (red). Right panel: Quantification of G1-phase specific 53BP1 nuclear bodies 
in cells treated with (+) or without (-) APH (0.2 µM). Expression of WT Rnase H1 (grey bars) 
and mutant Rnase H1(green bars) was induced (+) with 1ng/ml dox for 24 h. Percentage of 
G1 cells with >3 nuclear bodies is plotted. Data are means of two independent experiments. 
Error bars show SD. At least 300 G1 cells were scored in each experiment.  
 
 
4.5 R-loops accumulate at chromosomal fragile sites upon replication stress 
Having observed R-loop formation in cells upon RS conditions that induce fragile site 
expression, we wondered if R-loops could be detected at these loci. To this end, we 
performed a series of ChIP-qPCR experiments to monitor RNH1(D210N)-GFP 
occupancy on chromosomal fragile sites prior to and after exposure of cells to 
different forms of RS. We found that upon mild RS generated by a prolonged 
exposure of cells to low doses of APH, RNH1(D210N)-GFP was significantly 
enriched on CFSs- FRA3B and FRA16D, but not on genes that are highly 
transcribed in early S-phase (putative ERFSs) – ACT3, APOE, RPL22, RSP19 
(Figure 14A). In contrast, upon replication arrest with hydroxyurea, RNH1(D210N)-
GFP was significantly enriched on genes that are highly transcribed in early S-phase 
but not on late-replicating CFSs; intergenic regions DHFR4 and ACT5 were used as 
control (Figure 14B). 
These results were verified by performing DNA:RNA immunoprecipitation 
(DRIP) using the S9.6 antibody under the same conditions. RNA:DNA hybrids were 
enriched only at CFSs (FRA3B and FRA16D) upon APH treatment and specifically at 
actively transcribed genes (RPL13A, ACT3,APOE) when exposed to high dose of 
HU. Pre- treatment of immunoprecipitated samples with RNase H1 dramatically 
decreased the level of hybrids, confirming the signal is specific for R-loops (Figure 
14C,D). From these observations, we could conclude that R-loops from at CFSs and 
possibly at ERFSs, under conditions of RS. 
 





Figure 14: R-loop formation at chromosomal fragile sites  
A. U2OS T-REx cells expressing RNH1(D210N)-GFP were either treated with DMSO (mock) 
or APH (0.2 µM) for 16hrs. After-pre-extraction, cells were fixed, chromatin was isolated and 
sheared, prior to immunoprecipitation with anti-GFP antibody. ChIP-qPCR was performed 
and enrichment was calculated relative to the input and then normalized to the mock 
treatment. Data are mean of three independent experiments. Error bars show SD. 
B. RNH1(D210N)-GFP-expressing cells were treated with DMSO (mock) or HU (10mM) for 
6hrs. ChIP-qPCR analysis was performed as in A. 
C. DRIP-qPCR using S9.6 mouse monoclonal antibody. U2OS T-REx cells expressing 
RNH1(D210N)-GFP were treated with DMSO (mock) or APH (0.2 µM) for 16hrs. Pre-
immunoprecipitated samples were untreated (-) or treated (+) with Rnase H1 (RNH1) as 
indicated. Signal of RNA:DNA hybrids was calculated relative to input values and normalized 
to mock treatment. Data represent mean ± SEM from two independent experiments. 
D.  RNH1(D210N)-GFP-expressing cells were treated with DMSO (mock) or HU (10 mM) for 
6hrs. DRIP-qPCR was performed using S9.6 antibody as in C. 
 
4.6 R-loops are abundant at centromeres, telomeres and rDNA regions  
Since our ChIP-qPCR experiments revealed that R-loops form at distinct loci under 
different forms of RS, we wanted to capture a genome-wide view of R-loop formation 
under these conditions. To this end, we performed ChIP-sequencing to monitor 
RNH1(D210N)-GFP occupancy upon mock-, APH- and HU-treated conditions. An 
input sample was included as control. We obtained a total of around 100 million of 
reads per sample (~60 million uniquely mapped reads after removal of PCR 
duplicates). Biological replicates demonstrated a high reproducibility as observed by 
pair-wise comparison of independent experiments (Figure 15). 






Figure 15: Reproducibility of biological replicates 
Comparison of biological replicates of two ChIP-sequencing experiments performed to 
monitor R-loop formation by measuring RNH1(D210N)-GFP occupancy across the genome. 
Chromatin from U2OS T-REx cells expressing RNH1(D210N)-GFP, either treated with 
DMSO (NT) or APH (0.2 µM) for 16 h or HU (10 mM) for 6 h, was immunoprecipitated with 
anti-GFP antibody, amplified and subjected to high-throughput sequencing.  Average read 
coverage in each continuous 3 Kb bin across the whole genome was calculated for each 
dataset. Spearman correlation coefficient was computed from each comparison to evaluate 
the reproducibility. 
 
 Genome-wide R-loop profiling in yeast revealed accumulation of R-loops at 
centromeres and telomeres [117]. Consistently, we could observe a significant 
increase in the percentage of reads at these regions as compared to the input for all 
the three conditions (Figure 16A, B). Interestingly, R-loops at telomeric repeats were 
specifically enriched upon APH treatment (Figure 16B). This is in agreement with the 
finding that telomeres are intrinsically difficult to replicate regions and resemble 
CFSs upon mild RS [133]. We also observed an increase in R-loop formation at 5S 
and 28S rDNA repeats, regions of high transcriptional activity, found to be 
associated with R-loop formation[81] (Figure 16C). Hence having detected R-loops 
at expected regions, we conclude that our tool can reliably detect R-loops across the 
genome. 





Figure 16: R-loop formation at centromeres, telomeres and rDNA 
A. Percentage of reads that map to alpha-satellite centromeric repeats in input (INP), NT, 
APH and HU treated samples computed using deepTools.  
B. Percentage of reads mapped to telomeres: defined as a stretch of 5 or more TTAGGC 
repeats, for INP, NT, APH and HU samples. 
C. Percentage of rDNA reads: 5S rDNA (left) and 28S rDNA (right); measured using 
SortMeRNA program, for reads obtained from INP, NT, APH and HU samples. 
 
 
4.7 R-loops are formed at specific loci upon replication stress 
Using standard peak calling methods, we identified a total of ~100,000 peaks for all 
treatments and biological replicates, over input as the control. To identify peaks 
specifically enriched upon RS, we defined significant peaks as those among the 
100,000 peaks that are similar within but differ between the non-treated (NT) and 
treatment groups across two ChIP-Seq experiments. HU- and APH-specific peaks 
detected over a two-fold enrichment were considered for further analysis (Figure 
17A). Upon HU treatment, 374 peaks were identified, while for APH treatment, 676 
peaks were enriched over NT. Of these peaks, 207 were common between the two 
conditions (Figure 17B). To visualize the differential coverage of these peaks 
between the treatments, we generated heat maps for HU-specific and APH-specific 
peaks. While most of the peaks represented a higher coverage upon RS, a small 
fraction of peaks were more enriched prior to the treatment (NT) (Figure 17C). As an  





example, we viewed one of the APH-specific peaks, obtained at chr17: 22521210-
22521511, using the integrated genome viewer. We could observe an enrichment 
upon APH treatment as compared to NT or HU-treatments, and this was true for both 
experiments (Figure 17D). 
  
 





Figure 17: R-loops detected at specific loci upon replication stress 
A. MA plots to visualize differences in distribution between APH-treated and NT samples 
(left) and HU-treated and NT samples (right). About 100,000 peaks (union of all peaks 
enriched over the input) are shown in the scatterplot. The red color marks the peaks that are 
differentially enriched between NT and HU or APH samples with FDR < 0.1. The peaks 
above the top red line are at least two-fold enriched in treated samples while ones below the 
bottom red line are at least two-fold enriched in NT samples. 




B. Venn diagram representing the overlap between APH (676) and HU (374) peaks. 207 
peaks are shared between the two treatments, while 469 peaks are APH-specific and 167 
HU-specific. 
C. Heat map to visualize coverage of the peaks across treatments, low z- score (blue) 
represents less coverage to high z –score (red) shows high coverage. Left: Coverage of 
APH-specific peaks are represented in NT, HU and APH treatments. Right: Coverage HU-
specific peaks are represented in NT, HU and APH treatments. 
D. Example of a differentially enriched peak. Left: Integrated Genome Viewer (IGV) display 
of ChIP-Seq coverage at a representative genomic region (chr17: 22521210-22521511) in 
NT, APH and HU samples of two biological replicates. Right: Box plot measuring relative 
changes in coverage at chr17: 22521210-22521511 across treatments. 
 
 
A pre-requisite for R-loop formation is the presence of high GC content and GC-
skewness: asymmetry in the distribution of G and C between the two DNA strands 
[50]. A G-rich non-template strand, when exposed as ssDNA in an R-loop, is prone 
to formation of secondary structures (G-quadraplexes) which further stabilize the R-
loops [34]. When we compared the GC content of the peak sites, we could observe a 
significant increase compared to the expected average in the genome, for both APH- 
and HU-specific peaks (Figure 18A). We also measured GC-skew density around 
the R-loop peaks, and we could observe substantial strand asymmetry for both sets 
of peaks (Figure 18B). 
 
Figure 18: R-loops peaks show high GC content and GC skewness 
 





A. GC content of peak sites (yellow) compared to GC content of complete human 
chromosomes (grey) calculated for HU peaks (left) and APH peaks (right) using bedTools. 
B. GC skewness of R-loop peaks: GC skew was calculated by sliding window approach 
(width 100 bp) in a 5 kb region surrounding the peak center. To reduce the noise, the 
resulting data for all significant peaks was averaged and plotted (open circles). Cumulative 
GC skew is shown in red, scaled by a factor of 0.1 for HU peaks (left) and APH peaks (right). 
 
4.8 R-loop forming loci coincide with chromosomal fragile sites upon 
replication stress 
Having identified regions that form R-loops specifically upon RS, we wanted to 
further characterize these loci to decipher why they are prone to R-loop formation 
under these conditions. We first looked at the genomic distribution of R-loop peaks. 
While the R-loop forming peaks were mainly found at intergenic (~49%) and intronic 
(~43%) regions in unperturbed conditions, we observed that R-loops that are formed 
upon RS, are located mostly in the exons, introns and promoter regions (Figure 19). 
This difference in distribution could be a consequence of specific regions being more 
susceptible to transcription-replication collisions, and hence R-loop formation, under 
conditions of RS. 
 
Figure 19: Distribution of R-loops in the genome 
Genomic distribution of R-loop peaks across promoters, intron, exon and intergenic regions 
for NT, APH-specific and HU-specific peaks, computed using bedTools. 
 
Common fragile sites have been identified as regions prone to transcription-
replication conflicts when cells are exposed to RS [26]. We therefore checked the 
overlap of the R-loop forming loci identified with 127 fragile site regions (common 
fragile sites and rare fragile sites) [134]. Indeed, we could observe that a significant  





fraction (~30%), of APH and HU specific R-loop peaks, coincide with fragile sites 
(Figure 20A). We wondered if these peaks that overlap with fragile sites are shared 
between APH and HU treatments. We found that of the 217 APH peaks and 121 HU 
peaks, that coincide with fragile site loci, only 60 peaks were common between the 
two, suggesting that exposure of cells to different forms of RS, can promote fragility 
at different regions (Figure 20B).  
Fragile sites are susceptible to increased rate of DNA breakage and have 
been associated with deletions in cancers [135-137]. However, besides fragile site 
loci, most homozygous deletions in cancer genomes are unexplained.  We wondered 
if RS-associated R-loop forming loci coincide with regions that are frequently found 
deleted in cancers. For this, we used results from a study that identified 2,428 
somatic homozygous deletions in 746 cancer cell lines, and checked if R-loop 
forming regions overlapped with these deletions [134]. We identified ~55 APH-
specific peaks and ~15 HU-specific peaks to be located within these recurrently 
deleted regions. However, this overlap is less than what is expected by chance, and 
hence not significant to conclude that R-loop formation is associated with deletions in 
cancer (Figure 20C). Further bioinformatics analysis is required to better understand 
the causes and consequences of R-loop formation at these specific loci upon RS. 
 
 





Figure 20: R-loop formation at fragile sites upon replication stress 
A. Number of R-loop peaks overlapping fragile sites (represented by the red line). Histogram 
represents the frequency distribution of number of peaks overlapping regions obtained by 
random shuffling of fragile sites across the genome. Left: APH-specific peaks Right: HU-
specific peaks. 
B. Venn diagram representing the overlap between APH (217) and HU (121) peaks that 
coincide with fragile sites. 61 peaks are shared between the two treatments, while 156 and 
61 peaks are unique to APH and HU treatments respectively. 
C. Number of R-loop peaks overlapping homozygous deletions found in cancer (represented 
by the red line). Histogram represents the frequency distribution of number of peaks 
overlapping regions obtained by random shuffling of deletion sites across the genome. Left: 











Genomic instability arises from a variety of cellular processes in the genome, 
including DNA replication and transcription. Co-transcriptional R-loops result from 
the generation of stable RNA:DNA hybrids between the nascent transcript and the 
non-template DNA strand, and contribute to genomic  instability. Various studies 
indicate that R-loops can form in cells due to defects in mRNA processing and are 
stabilized in the presence of a G-rich non-template strand, eventually causing 
replication stress (RS) by posing a roadblock to replication fork progression [36, 73, 
77, 78]. However, whether RS can promote R-loop formation is not well understood. 
In this study, using catalytically-inactive RNase H1 as a tool to detect R-loops, we 
could show that R-loops form in response to different forms of RS. Moreover, we 
provide evidence that formation of R-loops contributes to the impairment of 
replication fork movement and to defects in chromosome segregation observed upon 
RS.  
 
5.1 R-loops and replication stress: Causes 
We could observe increased R-loop formation in cells upon different RS conditions: 
mild RS by APH, replication arrest by HU, Top1 inhibition by CPT, and Chk1 
inhibition by UCN-01. By analyzing replication fork progression at a single molecule 
level using DNA fiber assay, we could show that when replication is impaired using 
chemical inhibitors, the observed fork slowing results not just from DNA polymerase 
inhibition (APH) or dNTP depletion (HU), but also from R-loop formation. This was 
evident from the observation that sister forks fired from normal replication origins 
displayed patterns of asymmetry upon induction of RS, indicating that one of the 
forks encountered a barrier during its progression. Inhibition of transcription or 
removal of R-loops by over-expressing RNase H1, completely suppressed fork 
asymmetry pattern, suggesting that this barrier arises from collisions between 
transcription and replication, and subsequent R-loop formation. In spite of a spatio-
temporal segregation of transcription and replication in eukaryotes, transcription-
replication conflicts are still frequent events in certain genomic regions, and it was 
shown that these encounters are detrimental to the cell only if replication is perturbed 
[26].  Based on these findings, it is tempting to speculate that while a healthy  





replication fork can dislodge the transcription complex, an impaired replication fork 
(in the presence of RS) blocks the elongating RNA polymerase, giving sufficient time 
for the nascent mRNA to reanneal to template DNA to form an R-loop, which blocks 
DNA replication.  
 Shedding light on the impact of directionality on transcription-replication 
encounters, Hamperl et al. used an episomal system to show that head-on collisions 
promote R-loop formation while co-directional collisions resolve R-loops [24]. Co-
directional encounters push RNA polymerase in the same direction as the replisome 
as positive DNA supercoiling ahead of the replication fork neutralizes negative 
supercoiling generated behind RNA polymerase. In contrast, frontal clashes may 
cause accumulation of positive supercoils between the two machineries, hindering 
both transcription and replication, and increasing R-loop formation. Although we 
were unable to decipher the directionality of collisions in our study, we speculate that 
RS increases the frequency of head-on encounters and hence elevates R-loop 
levels.  
 Why should there be an increase in head-on collision events upon replication 
stress? One explanation would be the activation of dormant origins. It is known that 
under conditions of RS, dormant origins fire locally around stalled forks, in order to 
complete replication [9, 138]. While a co-directional bias in the genome restricts 
head-on encounters between transcription and replication initiating from constitutive 
origins [20], dormant origin firing can disrupt this balance. In our sister fork analysis, 
bi-directional forks commenced from constitutive origins, as stress was induced only 
during the second labeling. However, we can speculate that the block we observed 
(asymmetry) could come from HO collisions (and R-loop formation) between a 
transcription complex and a replication fork from dormant origins fired in the vicinity. 
DNA combing experiments to measure inter-origin distance would be necessary to 
prove this hypothesis. 
 
5.2 R-loops and replication stress: Consequences 
Under conditions of RS, there are regions in the genome that are susceptible to 
breakage, and some of these have been identified as hot-spots for transcription-
replication collisions, and possibly R-loop formation [26]. In our study, using ChIP- 





qPCR analysis, we could detect R-loop formation at the CFSs FRA3B and FRA16D, 
when cells were exposed to low dose of APH. CFSs are expressed under conditions 
of mild RS, when cells enter mitosis with under-replicated DNA [139]. When we 
analyzed metaphase chromosomes after APH treatment, we could detect chromatid 
breaks/gaps, which were reduced upon R-loop removal by RNase H1 over-
expression. Persistent R-loops in mitosis can then cause defects in chromosome 
segregation, and indeed we could observe that formation of anaphase bridges, 
micronuclei and 53BP1 nuclear bodies in G1 (signs of chromosome mis-segregation) 
were partially dependent on R-loop formation. These defects in mitosis can give rise 
to chromosomal aberrations. Of note, FHIT and WWOX, genes that house the fragile 
sites FRA3B and FRA16D respectively, have been classified as tumor suppressors 
and found deleted in multiple cancers [140-142]. Thus, formation of R-loops may 
contribute to these deletions and   cancer development. 
 Besides CFSs, a new category of fragile sites- ERFSs were identified. These 
early replicating regions are characterized by the presence of actively transcribed 
gene clusters and high density of origins; and they are expressed upon replication 
arrest by HU [30]. In our study, we found accumulation of R-loops at actively 
transcribed genes when cells were exposed to high dose of HU. The increased 
replication initiation events near highly transcribed genes could increase conflicts 
between DNA replication and transcription machineries, lead to R-loop formation and 
thereby promote their fragility.  
 
5.3 Genome-wide approach: Bird’s eye view of R-loop formation 
To obtain a more complete picture about R-loop formation upon RS, we performed a 
genome-wide analysis of binding sites of catalytically-inactive RNase H1 in 
unperturbed (NT, non-treated), APH- and HU-treated cells. Under all the three 
conditions, we observed accumulation of R-loops at repetitive sequences like 
centromeres and telomeres, and at highly transcribed rDNA repeats. The percentage 
of reads at telomeres was significantly higher in APH-treated cells. In agreement with 
this finding, earlier studies have shown that these repetitive telomeric stretches pose 
a challenge to the DNA replication machinery, giving rise to replication-dependent 
defects that resemble those of CFSs as exposing cells to low doses of APH  





increased telomere fragility [133]. Our data suggests that R-loop formation may 
contribute to this observed telomere fragility. Measuring telomeric FISH signal at 
individual chromatid ends of metaphase chromosomes upon RS while over-
expressing RNase H1 would help confirm this theory.  
 The main aim of our ChIP-seq experiments was to identify the loci that form 
R-loops specifically under conditions of RS. We observed 674 peaks enriched upon 
APH treatment and 375 peaks upon HU treatment. Between the two RS conditions, 
120 peaks overlapped with each other. We compared the genomic distribution of 
specific R-loop peaks after RS (APH and HU) to that of the total R-loop peaks 
obtained. While prior to RS, a large fraction of R-loops form in intergenic regions and 
introns, upon RS, R-loop formation is significantly higher in exons and promoter 
regions. Non-coding regions of the genome (introns and intergenic) serve as a 
mutational buffer in eukaryotic genomes, protecting coding sequences from being 
affected by randomly occurring deleterious mutations [143]. Since R-loop formation 
can cause mutations, cells may maintain physiological R-loops to form within these 
regions, to preserve genome integrity. However, upon RS, formation of additional R-
loops can occur in exons as well as introns, but less so in the intergenic regions; 
owing to an increase in transcription-replication conflicts within genes. 
Genome-wide studies in different cell lines have reported that under 
unperturbed conditions, R-loops are commonly found at promoters of genes, where 
they may restrict promoter methylation and thus promote transcription of these 
genes [48, 49]. An intriguing question would be if the formation of R-loops at 
promoters upon RS modulates the expression level of genes, and if so, what role do 
these proteins have in RS conditions. For example, we could detect R-loops at the 
promoters of oncogene Cyclin E (CCNE1) and JunD proto-oncogene (JUND), after 
APH and HU treatments; up-regulated expression of these genes may contribute to 
genome instability. However, R-loop formation is not always detrimental to the cells, 
they play a role in many physiological processes (Discussed in Introduction section). 
It would be interesting to speculate if R-loop formation we observed at promoters of 
some DNA repair genes like ATM interacting protein (ATMIN), and Tonsoku-like 
protein (TONSL), upon RS, would increase the expression of these genes as a 
mechanism to deal with the stress. Validation of these theories would require RNA- 
 





sequencing to be performed after APH and HU treatments, to find the correlation 
between R-loop levels at promoters and gene expression. 
To further understand the consequence of R-loop formation upon RS, we 
checked if these regions overlap with chromosomal fragile sites or regions 
recurrently found deleted in cancers. Fragile sites, regions susceptible to breakage 
under mild RS, are classified as rare or common, depending on their frequency 
within the population. Rare fragile sites appear in the chromosomes of only a small 
fraction of the human population while CFSs are present in all individuals and are 
thus considered to be an intrinsic part of the chromosomal structure [144]. A total of 
127 fragile sites (common and rare) have been characterized, and we found 217 of 
APH-specific R-loop-forming loci overlapped with these sites, suggesting formation 
of R-loops may contribute to their fragility. We also studied R-loop formation under 
conditions of replication arrest (HU), which according to a recent study, induces the 
expression of another category of fragile sites- ERFSs, but does not induce CFS 
expression [30]. Since these sites were identified in mouse lymphocytes, and have 
not been characterized in human cells, we could not check if HU-specific R-loop 
peaks overlap with these loci. However, to our surprise, we found that significant 
number HU-specific peaks overlapped with common and rare fragile sites.  
Many fragile site loci have been found deleted in cancers [135-137]. We 
wondered if R-loop formation at these regions could be the cause of the underlying 
deletions. To check if there might be a link between R-loop formation and deletions 
found in cancers, we asked if R-loop forming regions specific to RS conditions 
overlapped with homozygous deletions (obtained from a study that screened 746 
cancer cell lines for deletions) [134]. We did not observe a significant co-relation 
between these deletions and R-loop formation in this analysis. We would like to 
verify this by using other available data sets. For example, a recent study identified 
certain DNA sequences with the potential to fold into secondary structures [potential 
non-B DNA structures (PONDS)], such as triplexes, quadruplexes, 
hairpin/cruciforms, Z-DNA and single-stranded looped-out structures, at or in close 
proximity to the rearrangement breakpoints (translocations and deletion breakpoints) 
found in cancer [145]. Since R-loop forming sequences may fall in the category of 
PONDS, it would be interesting to overlap our data with the rearrangement 
breakpoints used in this study, to understand if R-loop formation has a role in cancer. 





5.4 RNase H1 as an R-loop detection tool 
RNase H1 is a nuclease that cleaves the RNA strand in RNA:DNA hybrids, and its 
over-expression has been used to rescue phenotypes observed upon R-loop 
formation. In our study, we used a GFP-tagged, catalytically-inactive mutant of 
RNase H1, which can bind to, but not cleave the hybrid. Although novel at the start 
of this project, some recently published studies have also employed this tool. DRIVE-
seq, (DNA:RNA in-vitro enrichment) uses a catalytically inactive MBP-RNase H1, to 
enable affinity pull-down of R-loop forming regions [48]. GFP-tagged versions of 
nuclease-deficient RNase H1 have been used to visualize R-loops by fluorescence 
microscopy [59, 70, 85]. A very recent study developed a method called R-ChIP, 
where catalytically-inactive RNase H1 is used to capture R-loop forming genomic 
regions by chromatin immunoprecipitation followed by genome-wide sequencing, 
enabling mapping R-loops with a higher resolution than already available methods 
[146]. 
 The most abundantly used tool to study R-loops is the monoclonal antibody 
(S9.6) developed against RNA:DNA hybrids. However, some inconsistencies in R-
loop detection owing to its specificity have been reported. For instance, a recent 
study showed that S9.6 antibody could detect R-loops with a bias for certain 
sequences within the hybrid [147]. Another study reported that the affinity of the 
antibody for dsRNA results in inaccurate R-loop mapping [123]. Genome-wide 
studies with the S9.6 antibody also suffer from poor resolution due to the relatively 
large size of restriction fragments used for immunoprecipitation. In order to improve 
the resolution, isolated DNA was sonicated prior to antibody capture, but this could 
damage R-loops, compromising the data quality [119]. Another modification of the 
technique was DRIPc-seq, which involved sequencing associated RNA, however 
any residual RNA tightly bound to chromatin will give a high background signal [148]. 
Our tool specifically recognizes R-loops in vivo under different biological conditions, 
and we used standard ChIP-seq protocol, which involved fixation to stabilize R-loops 
and sonication to increase the resolution, providing us with high quality data. The 
drawback of this system is that its use is restricted to a single cell line. Developing a 
system wherein inactive RNase H1 can be introduced into different cell lines would 
help broaden its applications. 






We established our own tool for the detection and isolation of R-loops generated in 
U-2 OS cells. With the help of this tool, we could show that R-loops are formed in 
response to different forms of RS. We propose a model wherein we hypothesize that 
under normal conditions, transcription encounters replication forks co-directionally, 
owing to the co-directional bias in the genome, avoiding R-loop formation and the 
subsequent blockage of replication fork progression (Figure 21). If some head-on 
encounters occur, unperturbed forks can dislodge RNA polymerase and resolve any 
possible conflicts. Cells therefore enter mitosis without any problems and give rise to 
healthy daughter cells, preserving genome integrity. However, under conditions of 
RS, firing of dormant origins enhances the probability of transcription meeting 
impaired replication forks in the HO orientation (Figure 21). These slow forks are 
unable to displace RNA polymerase, stalling both the replisome and transcription 
complex, which provides sufficient time for the nascent mRNA to reanneal to the 
template DNA, giving rise to stable R-loops. These collision complexes block fork 
progression not just at the site of collision, but also serve as a roadblock to other 
replication forks originating from constitutive origins (Figure 21). Cells entering 
mitosis with unresolved conflicts have impaired chromosome segregation, leading to 
genomic instability (Figure 21). 
 
 
Figure 21: Proposed model for R-loop formation upon replication stress 
For detailed description see the section 5.5.  





5.6 Relevance of the study 
Evidence indicates that oncogene activation in pre-cancerous lesions gives rise to 
replication stress and DNA damage [149]. A major consequence of oncogene 
activation is altered origin usage (Discussed in Introduction section). Increase in 
origin firing can mediate replication stress by causing depletion of dNTPs or slow-
down of DNA polymerase due to lack of replisome components. In our study, we 
mimicked these situations by the use of HU and APH, respectively.  Hence, we can 
speculate that oncogene-induced replication stress in pre-cancerous cells can also 
lead to transcription-replication conflicts and R-loop formation. Measuring the level of 
R-loops in patient samples could help identify pre-cancerous lesions. Thus R-loops 
could be a novel diagnostic biomarker for cancers. 
Genome-wide analysis of R-loop formation upon RS helped us identify unique 
R-loop forming sites upon APH and HU treatments. Although we obtained distinct 
peaks between the two conditions, a fraction of the peaks overlap. Performing 
genome-wide analysis of R-loop formation upon RS induced by activation of different 
oncogenes and drugs, can help create a database of common R-loop forming loci 
under all these conditions. This information can help in the screening of pre-
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